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ABSTRACT 

 

Kaan YILDIRIM 

COLLAGEN/KERATIN/ALGINATE HYDROGEL FOR AN IN VITRO THREE-

DIMENSIONAL CO-CULTURE OF FIBROBLASTS AND KERATINOCYTES 

Başkent University Institute of Science 

Department of Molecular Biology and Genetics 

2025 

 

Due to the high demand for advanced biomaterials in tissue engineering, research has focused 

on biomimetic hydrogels and three-dimensional (3D) co-culture systems to enhance tissue 

formation. The aim of this study was to examine the potential of Collagen/Keratin/Alginate 

(Col/Ker/Alg) hydrogel as a tissue scaffold for fibroblast and keratinocyte 3D co-culture. 

Collagen and keratin were extracted from bovine Achilles tendons and human hair waste, 

respectively, and characterized using Fourier Transform Infrared Spectroscopy (FTIR) and 

Sodium Dodecyl Sulfate-Polyacrylamide Gel Electrophoresis (SDS-PAGE). FTIR spectra 

confirmed the presence of characteristic peaks of keratin and collagen, while SDS-PAGE 

analysis showed collagen bands at 130, 110, 250, and 300 kDa and keratin bands at 39–45 and 

50–55 kDa. Hydrogels with varying calcium chloride cross-linking conditions (0.10 M, 0.50 

M, and 1.0 M) were produced and examined for morphology, swelling capacity, in vitro 

degradation behavior, total protein release and porosity. Hydrogels cross-linked with 0.50 M 

and 1.0 M exhibited more uniform structures, while hydrogels cross-linked with 0.50 M 

exhibited the highest water uptake. Hydrogels cross-linked with 0.50 M had a more open and 

interconnected cross-sectional structure. Degradation studies revealed that the hydrogel cross-

linked with 0.10 M exhibited significant weight loss, whereas the hydrogel cross-linked with 

1.0 M showed lower weight loss due to stronger cross-linking. Protein release studies indicated 

that all hydrogels exhibited a burst protein release in the first 6 hours. The hydrogel cross-

linked with 0.50 M exhibited the highest protein release after Day 2. Preliminary cell culture 

studies demonstrated that the all-hydrogel groups promoted fibroblast cell viability for 9 days. 

Based on physicochemical and biological characterizations, the Col/Ker/Alg hydrogel cross-

linked with 0.50 M was chosen as the optimal scaffold for 3D co-culture studies due to its 

higher water uptake capacity, porous structure, and ability to support cell viability. Micro-

patterned 3D-printed stamps were designed and subsequently utilized to create channel 
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formations selective to cells, enhancing biomimicry at the microscale. The hydrogel matrix 

was seeded with human dermal fibroblasts (HDF-a) and keratinocytes (HaCaT) in a co-culture 

system and the viability and proliferation were monitored via resazurin reduction for 21 days 

and fluorescence imaging for 7 days. The results showed that Col/Ker/Alg hydrogel provides 

a suitable 3D microenvironment for cell proliferation and viability, which indicates the 

potential of this composite as a new biomaterial for skin tissue engineering research. 

 

KEYWORDS: Collagen, Keratin, Alginate, Hydrogel, 3D Co-culture 
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ÖZET 

 

 

Kaan YILDIRIM 

FİBROBLAST VE KERATİNOSİT HÜCRELERİNİN IN VİTRO ÜÇ BOYUTLU KO-

KÜLTÜRÜNDE KOLAJEN/KERATİN/ALJİNAT HİDROJELİ 

Başkent Üniversitesi Fen Bilimleri Enstitüsü 

Moleküler Biyoloji ve Genetik Anabilim Dalı 

2025 

 

Doku mühendisliğinde ileri biyomalzemelere olan yüksek ilgi nedeniyle, araştırmalar 

biyomimetik hidrojel ve üç boyutlu (3B) ko-kültür sistemlerine odaklanarak doku oluşumunu 

artırmayı amaçlamaktadır. Bu çalışmanın amacı, Kolajen/Keratin/Aljinat (Col/Ker/Alg) 

hidrojelinin fibroblast ve keratinosit 3B ko-kültürü için doku iskelesi olarak potansiyelini 

incelemektir. Kolajen ve keratin sırasıyla sığır Aşil tendonları ve insan saç atıklarından 

ekstrakte edilmiş ve Fourier Dönüşümlü Kızılötesi Spektroskopisi (FTIR) ve Sodyum Dodesil 

Sülfat-Poliakrilamid Jel Elektroforezi (SDS-PAGE) kullanılarak karakterize edilmiştir. FTIR 

spektrumları, keratin ve kolajene ait karakteristik piklerin varlığını doğrularken, SDS-PAGE 

analizi kolajen bantlarının 130, 110, 250 ve 300 kDa'da, keratin bantlarının ise 39–45 ve 50–

55 kDa aralığında olduğunu göstermiştir. Farklı kalsiyum klorür çapraz bağlama koşulları (0,10 

M, 0,50 M ve 1,0 M) ile hidrojeller üretilmiş ve morfoloji, şişme kapasitesi, in vitro bozunma 

davranışı, toplam protein salımı ve gözeneklilik açısından incelenmiştir. 0,50 M ve 1,0 M ile 

çapraz bağlanmış hidrojeller daha düzenli yapılar sergilerken, 0,50 M ile çapraz bağlanmış 

hidrojel en yüksek su alım kapasitesine sahip olmuştur. Bu hidrojel, diğer gruplara kıyasla daha 

açık ve birbirine bağlı bir iç kesit yapısı göstermiştir. Bozunma çalışmaları, 0,10 M ile çapraz 

bağlanmış hidrojelin önemli ölçüde ağırlık kaybına uğradığını, 1,0 M ile çapraz bağlanmış 

hidrojelin ise daha güçlü çapraz bağlanma nedeniyle daha düşük ağırlık kaybı gösterdiğini 

ortaya koymuştur. Protein salım çalışmaları, tüm hidrojellerin ilk 6 saat içinde ani bir protein 

salımı gerçekleştirdiğini göstermiştir. 0,50 M ile çapraz bağlanmış hidrojel, ikinci günden sonra 

en yüksek protein salımına sahip olmuştur. Ön hücre kültürü çalışmaları, tüm hidrojel 

gruplarının 9 gün boyunca fibroblast hücre canlılığını desteklediğini göstermiştir. 

Fizikokimyasal ve biyolojik karakterizasyonlara dayanarak, 0,50 M ile çapraz bağlanmış 

Col/Ker/Alg hidrojeli, daha yüksek su alma kapasitesi, gözenekli yapısı ve hücre canlılığını 
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destekleme yeteneği nedeniyle, 3B ko-kültür çalışmaları için optimal doku iskelesi olarak 

seçilmiştir. Mikro-ölçekte biyomimikriyi artırmak için mikro desenli 3B baskılı kalıplar 

tasarlanmış ve hücrelere seçici kanal oluşumları sağlamak amacıyla kullanılmıştır. Hidrojel 

matrisi, insan dermal fibroblastları (HDF-a) ve keratinositler (HaCaT) ile bir ko-kültür 

sisteminde ekilmiş ve hücrelerin canlılığı ve proliferasyonu 21 gün boyunca resazurin 

indirgenmesi ve 7 gün boyunca floresan görüntüleme ile izlenmiştir. Sonuçlar, Col/Ker/Alg 

hidrojelinin hücre proliferasyonu ve canlılığı için uygun bir 3B mikroçevre sağladığını, 

dolayısıyla bu hidrojelin deri doku mühendisliği araştırmaları için yeni bir biyomalzeme olma 

potansiyeline sahip olduğunu göstermektedir. 

 

 

ANAHTAR KELİMELER: Kolajen, Keratin, Aljinat, Hidrojel, 3B ko-kültür 
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1. INTRODUCTION 

 

 

Tissue engineering is a rapidly evolving area that integrates concepts from various 

disciplines to generate bioartificial substitutes or stimulate tissue regeneration, ultimately 

aiming to restore or enhance tissue and organ function. In recent decades, this field has 

received considerable attention due to its promise in addressing key medical challenges, 

including organ failure, traumatic injuries and degenerative diseases. Beyond the limited 

availability of organ transplant donors and immune-related challenges, conventional 

medicine therapies such as organ transplantation and prosthetic implants constrained by their 

inability to fully replicate specific functional properties of native tissues [1]. Tissue 

engineering has addressed these challenges by utilizing cells, biomaterials, and biochemical 

factors to create engineered tissues that closely mimic their native counterparts. 

 

The creation of scaffold systems as three-dimensional (3D) structural templates plays 

a crucial role in tissue engineering by promoting cellular adhesion, proliferation, and 

differentiation. These scaffolds serve as temporary frameworks for new tissue growth, 

gradually degrading and integrating into the host over time [2]. Choosing appropriate 

biomaterials is crucial in the design of the scaffold, as they must be biocompatible, 

biodegradable, and possess suitable mechanical properties while interacting with biological 

environments in a controlled manner. Various natural and synthetic biomaterials, such as 

collagen, keratin, alginate, polylactic acid (PLA), and polyglycolic acid (PGA) have been 

widely studied for tissue engineering applications [3]. Natural polymers, including collagen 

and alginate, can closely mimic the extracellular matrix (ECM), providing a suitable 

microenvironment for cell adhesion and differentiation [4]. In contrast, synthetic polymers 

provide adjustable mechanical properties, release rates, and degradation profiles, making 

them highly versatile for biological applications. 

 

Skin tissue engineering has gained great attention due to the skin’s fundamental role 

in providing a barrier against external insults, regulating temperature and enabling 

mechanosensory functions. The skin itself is a complex organ that has many layers 

(epidermis, dermis, and hypodermis) and functions to maintain physiological homeostasis. 
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Skin injuries or wounds, including burns, chronic wounds, and ulcers, present  significant 

clinical challenges, necessitating advanced therapies in most cases, as conventional wound 

dressings and grafts may be insufficient [5]. Traditional methods for skin regeneration, such 

as autografts and allografts, are limited by factors including donor site morbidity, immune 

rejection, and scarring [6]. Tissue engineering offers a promising approach to developing 

bioengineered skin substitutes that can integrate with host tissue and promote functional skin 

restoration. However, challenges remain in achieving adequate vascularization, innervation, 

and long-term stability of engineered skin constructs. 

 

In addition, cell culture approaches are also imperative in tissue engineering. 

Conventional two-dimensional (2D) cell culture models have been widely used for 

understanding cell behavior and drug responses. However, 2D cultures fail to mimic the 

complex 3D architecture and biochemical gradients found in native tissue. To overcome 

these limitations, the  demand for 3D cell culture systems has grown, as they provide a more 

physiologically relevant environment for cellular interactions, tissue development, and drug 

testing. Hydrogels, other scaffold-based cell cultures, and bioreactors are increasingly used 

to create more physiologically relevant 3D tissue models to more accurately simulate the in 

vivo environments of human tissues [7]. Among these, hydrogels composed of natural or 

synthetic polymers have proven to be one of the most favorable due to their high-water 

content, biocompatibility, and ability to entrap cells within a 3D microenvironment [8]. 

Collagen, alginate and keratin-based hydrogels have been shown to promote cell adhesion 

and migration, as well as supporting differentiation, which makes them ideal for use in skin 

tissue engineering applications [9], [10], [11]. 

 

Another key technology in tissue engineering is co-culture systems, in which two or 

more different cell types are grown together to mimic the complex cellular interactions 

found within native tissues. Several studies have demonstrated that co-culture enhances 

tissue formation, improves cell-cell interactions, and facilitates stem cell differentiation into 

mature cell phenotypes [12], [13]. For example, co-culture of keratinocytes, fibroblasts, and 

endothelial cells has been shown to be advantageous for skin tissue engineering, promoting 

epidermis and dermis formation as well as vascularization [14], [15]. These advancements 

led to the development of more sophisticated engineered skin substitutes with improved 

structural and functional characteristics. 
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While great progress has been made, many challenges exist that must be overcome 

for tissue engineering technologies to see clinical applications. The translation of engineered 

tissues into clinic remains hindered by regulatory hurdles, scalability limitations, and high 

production costs [16]. These challenges are likely to be improved through advances in 

bioprinting technologies that are accelerating next-generation tissue engineering solutions 

[17]. As a complementary approach, recent studies on 3D co-culture systems suggest their 

potential to enhance the functional outcomes of tissue engineering strategies. This method 

holds great promise for overcoming current challenges in regenerative medicine and 

facilitating the creation of more effective and clinically viable replacements. 

 

The aim of this thesis is to develop and characterize a collagen/keratin/alginate 

hydrogel and assess its potential for application in an in vitro 3D co-culture system of 

fibroblasts and keratinocytes. Considering the growing need for new tissue scaffolds to 

mimic the ECM, this study focuses on optimizing a hydrogel system to enhance cell viability 

and proliferation. Collagen from bovine Achilles tendons and keratin from human hair are 

integrated into an alginate-based hydrogel at varying calcium chloride cross-linking 

conditions (0.10 M, 0.50 M, and 1.0 M), allowing for both structural and chemical 

characterization, thus ensuring their application in in vitro cell culture. In addition to 

developing the hydrogel's properties, such as swelling behavior, degradation, and protein 

release, this research introduces micro-patterned 3D-printed stamps to improve cellular 

organization. This study provides a preliminary examination of the hydrogel’s potential as a 

scaffold material for skin tissue engineering by establishing a 3D co-culture system using 

human dermal fibroblasts (HDF-a) and keratinocytes (HaCaT) and assessing cell viability 

and proliferation over time. 
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2. LITERATURE 

 

 

2.1. Tissue Engineering 

 

Tissue engineering is an interdisciplinary field that integrates biology, materials 

science and engineering principles to develop biological substitutes capable of restoring, 

maintaining, or enhancing tissue function [18]. It primarily employs two strategies: scaffold-

based and cell-based approaches (Figure 2.1). The cell-based strategy assembles building 

blocks, such as cell sheets and spheroids, enabling rapid tissue formation due to high initial 

cell density, which minimizes reliance on cell proliferation and migration [19]. However, 

this approach presents challenges, including weak mechanical properties, which may cause 

cell damage during handling, and the immobilization time required for initial fusion and 

extracellular matrix (ECM) deposition [20]. In contrast, the scaffold-based strategy utilizes 

temporary structural templates with tunable mechanical properties and degradation profiles 

that facilitate cell attachment, proliferation, and 3D tissue formation, with specially designed 

materials playing a crucial role in its effectiveness. 

 

 

Figure 2.1. Schematic illustration of tissue engineering strategies: cell-based and scaffold-based strategies 

(Created with BioRender.com) 
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The main objective of scaffold-based tissue engineering is to regenerate tissues that 

closely resemble the structure and function of native tissues by incorporating cells, 

biomaterials, and growth factors. While cells generate the extracellular matrix (ECM) of new 

tissue, scaffolds offer a supportive framework that facilitates cellular activity. Growth factors 

are essential in stimulating and sustaining cell functions to enhance tissue regeneration [21]. 

The selection and optimization of these components are critical in the establishment of a 

microenvironment favorable to cellular proliferation and differentiation for successful tissue 

regeneration. This approach incorporates various strategies, including the use of human-

derived, animal-derived, synthetic materials, or their combinations to produce functional 

tissue constructs [22]. These tissue constructs are designed to provide a suitable 

microenvironment to promote cell adhesion, proliferation, and differentiation, ensuring the 

formation of functional tissues. To produce functional tissue structures, cells are stimulated 

to grow on bioactive, degradable tissue scaffolds, which provide both physical and chemical 

cues, to guide differentiation and organization into 3D tissues [23]. 

 

Polymeric materials are widely used in tissue engineering due to their versatile 

properties, including biocompatibility, biodegradability, and ease of processing. These 

materials promote cell growth and regeneration of the tissue while degrading, enabling the 

seamless integration of newly formed tissues with their surrounding environment. 

Furthermore, to facilitate 3D tissue organization, these materials are fabricated into 3D 

scaffolds, which are precisely engineered in terms of structural and mechanical properties to 

provide the specific functional requirements of the target tissue [24]. 

 

Scaffolding plays a crucial role in tissue engineering by providing a 3D temporary 

structural framework essential for cell attachment, proliferation, and the development of new 

tissue. The choice of tissue scaffold materials, derived from either natural or synthetic 

sources, is essential, as they must show biocompatibility, biodegradability and appropriate 

mechanical properties to support the target tissue [25]. These biomaterials replicate the 

mechanical and biological properties of the native ECM, creating a three-dimensional 

environment that supports cell adhesion, growth, and functional tissue formation. 

Additionally, they facilitate the delivery of cells and bioactive factors to specific sites [26]. 
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Biocompatible materials, including natural polymers (e.g., collagen, chitosan etc.) and 

synthetic polymers (e.g., polylactic acid (PLA), polyglycolic acid (PGA) etc.), are widely 

chosen for tissue scaffold fabrication. These materials not only facilitate the cell adhesion 

and growth but are also biodegradable, enabling the gradual integration of the engineered 

tissue into the host body [27]. For example, poly(lactic-co-glycolic acid) (PLGA) and 

collagen have garnered considerable attention because of their biocompatibility and 

suitability for specific tissue engineering applications [28].   

 

Natural polymers like collagen, gelatin, and alginate are widely used because of their 

natural biocompatibility and structural resemblance to ECM. Collagen, a primary structural 

protein in several tissues, promotes cellular adhesion and supports an environment 

conducive to tissue development [29]. On the other hand, synthetic polymers, such as PLA 

and PGA, offer additional advantages like controlled degradation rates and tunable 

mechanical properties. Especially, PLA has been widely studied for its favorable mechanical 

characteristics and biocompatibility [30].  

 

Hydrogels have been widely used in tissue engineering due to their biocompatibility, 

degradability, oxygen and nutrient permeability, and structural stability. Hydrogels mimic 

the ECM by forming a 3D polymeric network, providing an ideal environment for cell 

encapsulation and tissue formation. Synthetic or natural polymers can be used to prepare 

hydrogels. Natural hydrogels are preferred over synthetic ones because they are less 

cytotoxic and possess more ECM-like properties [31].   

 

Cells are fundamental components for tissue engineering, serving as the basic building 

blocks of engineered tissues. The selection of appropriate cell types is crucial to achieving 

desired tissue functions. Cellular functionality in tissue engineering relies on a diverse range 

of cell types, including stem cells, progenitor cells and differentiated somatic cells, which 

collectively contribute to the tissue development and maintenance. Stem cells have the 

unique ability to differentiate into multiple cell lineages, making them invaluable for 

regenerative medicine [32]. Their capacity to respond to particular biochemical and 

environmental cues aids in the regeneration of injured tissues. Stem cells can be obtained 

from various sources, including embryonic tissues and adult tissues (e.g., bone marrow, 

adipose tissue), expanding their potential therapeutic applications [33].  
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Growth factors are essential regulators of cell behavior in tissue engineering, playing 

a critical role in modulating cellular activities, promoting angiogenesis, and enhancing tissue 

integration [34]. Embedding bioactive elements into tissue scaffolds offers a combined 

strategy to enhance tissue engineering methods and address current challenges in the field. 

By integrating growth factors into the tissue scaffolds or delivering them in a controlled 

manner, tissue engineers can precisely guide cellular activities to promote the regeneration 

of specific tissue types.  

 

In summary, tissue engineering offers exciting possibilities, including the development 

of functional grafts for tissue repair, the study stem cell behavior in 3D models, and the use 

of engineered tissues as models for understanding physiology and disease [35]. It also serves 

as a powerful tool for studying cell differentiation and tissue development in controlled 

environments, which is essential for understanding disease mechanisms, testing drugs, and 

developing human disease models. These 3D models offer a promising alternative to 

traditional animal testing, addressing ethical concerns while providing more physiologically 

relevant platforms for drug discovery and biomedical research. 

 

2.2. Skin Tissue and Skin Tissue Engineering 

 

The skin serves as a protective barrier between the body’s internal systems and the 

external environment and is the largest organ in the human body. It accounts for 

approximately 15% of an adult’s total body weight and defends against physical, chemical, 

and biological threats [36]. The skin consists of three primary layers: the epidermis, dermis, 

and hypodermis (also known as the subcutaneous layer). 

 

The epidermis is the outermost layer, primarily composed of keratinocytes, which 

undergo continuous proliferation, differentiation, and keratinization [37]. This layer plays a 

crucial role in maintaining the skin's barrier function, preventing water loss, and protecting 

deeper tissues from environmental insults such as pathogens, physical abrasions, and 

ultraviolet (UV) radiation [38], [39]. The structural organization of the epidermis, including 

its layered stratification and keratin production, significantly contributes to its barrier 
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properties. Additionally, the epidermis contains melanocytes, which produce melanin, 

playing a key role in the pigmentation of skin and protection against UV radiation [40]. 

 

Beneath the epidermis lies the dermis, a layer rich in connective tissue that contains 

cells, blood vessels, and nerve endings. It is significantly thicker than the epidermis and 

provides structural support to the skin. The dermis is composed of dense connective tissue, 

primarily composed of collagen and elastin fibers, which provide tensile strength and 

elasticity [41]. This layer is rich in blood vessels, sensory nerve endings, and skin 

appendages, including hair follicles, sebaceous glands and sweat glands. The presence of 

these structures allows the dermis to play a vital role in thermoregulation and sensation. The 

sweat glands and sebaceous glands allows the regulation of body temperature and the 

maintenance of skin hydration [42]. Furthermore, the dermal layer is responsible for the 

mechanical properties of the skin, including strength and elasticity, and sensory perception 

via specialized receptors [43]. 

 

The hypodermis, or subcutaneous layer, is the deepest layer of the skin, consisting 

mainly of loose connective tissue and adipose cells. It serves as an energy reservoir, provides 

thermal insulation, and assists in the protecting underlying muscles and bones [44]. While 

not technically part of the skin, hypodermis plays a important role in connecting the skin to 

underlying tissues, allowing for mobility while maintaining protective barrier properties  

[45]. Composed of connective tissue and adipose fat, the hypodermis acts as an insulator, 

reducing heat loss and protecting muscles and organs from mechanical injury [46]. 

 

In addition to its protective role, skin tissue holds considerable promise in the fields of 

regenerative medicine and tissue engineering. In recent years, the progress in tissue 

engineering has led to the development of bioconstructs designed for skin regeneration, 

offering promising solutions for the treatment of serious injuries or degenerative skin 

conditions [36]. A comprehensive understanding of the complex architecture and 

physiological functions of natural skin is essential in this field, as it provides critical insights 

for the design of new biomaterials. These engineered biomaterials, by imitating the structural 

and functional characteristics of human skin, aim to replicate its protective roles, accelerate 

wound healing, and facilitate tissue regeneration [45]. These innovations not only lead to 
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better therapeutic results for patients with skin-related health issues but also help improve 

the quality of life for those dealing with chronic or traumatic skin damage. 

 

The history of skin tissue engineering has been marked by significant developments 

that have reshaped medical approaches and options for skin reconstruction and regeneration 

(Figure 2.2). Researchers began to understand the value of skin cells and healing in the 

1970s. They learned that skin is made up of multiple layers, with keratinocytes and 

fibroblasts identified as essential cell types for these layer functions. In 1975, two 

independent American research groups laid the foundation for skin tissue engineering. 

Howard Green and James G. Rheinwald conducted in vitro studies on human epidermal 

keratinocytes. They demonstrated the feasibility of cell-based skin therapies. 

Simultaneously, Yannas and Burke investigated collagen degradation, leading to the 

development of synthetic dermal substitutes. Their contribution initiated modern skin tissue 

engineering and provided the foundation for improved epidermal and dermal regeneration 

[47]. These findings led to the initial efforts to create skin substitutes, facilitating transplants 

with living cells to improve tissue regeneration and wound healing. In the 1980s, the 

development of cultured epidermal autografts (CEAs) and cultured skin substitutes (CSSs) 

marked a significant milestone in wound care. CEAs were first applied in burn therapy in 

1981, allowing the expansion of keratinocytes from a small skin biopsy into sheet-like 

structures. CSSs are autologous grafts containing both epidermal and dermal layers, forming 

a distinct dermal–epidermal junction [48]. These substitutes closely mimic autografted skin, 

reducing donor skin requirements and improving treatment outcomes for burns, chronic 

wounds, and dermal reconstruction. The 1990s progress of skin tissue engineering included 

the release of commercial products such as Epicel®, Integra®, Apligraf® and Dermagraft®-

the first commercially available skin substitutes containing living cells and ECM 

components. These innovations marked a shift from traditional synthetic materials toward 

bioengineered solutions that aimed to replicate the complex structure and function of natural 

skin [18]. Entering the 21st century, stem cell technology further revolutionized skin tissue 

engineering. The development of induced pluripotent stem cells (iPSCs) offered a new 

approach for autologous skin cell generation, eliminating ethical concerns associated with 

embryonic stem cells [49]. The ability to derive skin cells from iPSCs significantly expanded 

research opportunities and the potential for regenerative medicine applications. In the 2010s, 

the introduction of 3D bioprinting marked another transformative progression of skin tissue 
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engineering. This advanced technology enabled the accurate, layer-by-layer assembly of 

biomaterials and living cells, creating intricate tissue structures that closely mimic the 

properties of natural skin [50]. The ability to customize the microenvironment and the spatial 

organization of cells has shown promising results in functional skin engineering, 

considerably improving clinical applications. At the same time, advancements in molecular 

self-assembly, polymer synthesis, and microfabrication facilitated the development of next 

generation "smart" biomaterials. These biomaterials are designed to respond to multiple 

factors such as pH, enzymes, temperature, light, and mechanical stress, making them highly 

attractive for medical applications [51]. By 2024, the integration of artificial intelligence, 

smart biomaterials, and personalized regenerative medicine has advanced the development 

of fully functional bioengineered skin, extending the applications beyond wound healing to 

cosmetic surgery, military applications, and reconstructive medicine [52]. 

 

Advancing skin tissue engineering is one of the most significant developments in 

medicine and cosmetics due to the growing global demand for effective skin injury 

treatments and aesthetic enhancements. Each year, 11 million people globally affect from 

only burn injuries, while chronic wounds contribute substantially to morbidity and 

healthcare costs [53].  Traditional approaches, such as skin grafting, often suffer from 

limitations due to donor shortages and graft rejection complications. Consequently, 

engineered skin substitutes, including dermal scaffolds and cultured skin cells, have been 

developed as effective alternatives to treat burns and to accelerate healing and reduce 

infection risks [6]. In 2022, the global wound care market was valued at USD 20.8 billion 

and is anticipated to grow at a compound annual growth rate (CAGR) of 5.4% between 2022 

and 2027, driven by the rising incidence of skin trauma and the increasing preference for 

personalized and regenerative cosmetic treatments [54]. Advancements in skin tissue 

engineering have also influenced the cosmetic industry, where engineered biomaterials are 

now used to stimulate collagen production and treat skin  problems such as acne, 

hyperpigmentation, and aging [55]. The evolution of dermal therapies, including growth 

factors, peptides, and bioengineered skin cells, underlines the importance of interdisciplinary 

nature of tissue engineering and its impact on both medical and cosmetic applications. 

 

Over time, numerous engineered skin substitutes have been created to replicate the 

structure and function of native skin. These products are designed to offer coverage for 
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injured skin, facilitate wound healing, and restore tissue integrity. Among the clinically 

approved skin substitutes, Apligraf® and Dermagraft® are widely used in clinical 

applications to support wound healing. These products, composed of human cells and 

biocompatible materials, provide structural support and stimulate tissue regeneration. For 

example, Apligraf® is a bilayered skin substitute that has been successfully used in treating 

chronic venous leg ulcers and diabetic foot ulcers, while Dermagraft® is employed for 

diabetic foot ulcer treatment, promoting collagen synthesis and tissue regeneration. 

 

 

 

 

Figure 2.2. Key milestones in the progress of skin tissue engineering (CEA: cultured epidermal autograft; 

CSS: cultured skin substitute) (Created with BioRender.com) 

 

 

In recent decades, skin tissue engineering has seen substantial progress, driven by 

advances in biomaterials, fabrication techniques, and regenerative medicine strategies. Skin 

damage, such as chronic burns or wounds, require innovative solutions to accelerate healing 

and restore functionality [56]. Current skin tissue engineering techniques often involve a 

combination of cellular and acellular approaches. One of the most promising strategies 

involves the use of biomaterials as tissue scaffolds, which provide the structural support for 

cellular attachment and proliferation. The choice of scaffolding materials plays a 

fundamental role in the success of skin regeneration, and ongoing research continues to 
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explore biomaterials that closely mimic the ECM of native skin [57]. Biocompatibility is a 

key criterion for selecting scaffolding materials, as it governs the interaction between the 

tissue scaffold and host tissue. A biocompatible scaffold minimizes adverse immune 

responses while promoting cellular integration and functionality [58]. This criterion dictates 

the interaction between the tissue scaffold and host tissue, ensuring that the scaffold 

integrates smoothly with the surrounding biological environment. By facilitating proper 

cellular adhesion, growth, and differentiation, these biomaterials contribute to long-term 

tissue stability and successful tissue regeneration.  

 

One of the primary challenges in skin tissue engineering is vascularization. Proper 

blood supply is essential to maintain cell viability and promote tissue integration [59]. The 

development of thick, functional tissue requires an adequate vascular network to ensure that 

nutrients and oxygen reach deeper tissue layers. Without sufficient vascularization, 

implanted artificial tissue may fail to survive, leading to tissue necrosis and graft failure. 

Despite significant progress, achieving reliable vascularization remains a major challenge, 

especially for thicker tissue constructs that must replicate the complex network of blood 

vessels found in native tissue. Several strategies have been proposed to address this issue, 

including incorporation of angiogenic factors to stimulate blood vessel formation, designing 

tissue scaffolds specifically tailored to support vascular growth and bioprinting vascularized 

structures to mimic native tissue networks. However, even with these innovations,  there 

remains a substantial gap in fully developing functional vascular networks within engineered 

tissues, particularly in large or thick constructs [60].  

 

Skin tissue engineering holds immense promise not only in wound healing but also for 

various dermatological treatments and cosmetic enhancements. Clinical trials and 

experimental models have demonstrated the effectiveness of engineered skin substitutes, 

offering a viable therapeutic option for patients with severe skin injuries or diseases [61]. 

Furthermore, the integration of engineered skin with other tissue types presents exciting 

possibilities for multi-organ regeneration. For instance, composite grafts that combine skin 

with muscle or adipose tissue could expand treatment options for reconstructive surgery and 

regenerative medicine [62], [63].  
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2.3. Cell Culture Applications in Tissue Engineering 

  

2.3.1. 2D and 3D Cell Cultures 

 

Cell culture studies are fundamental to biomedical research and tissue engineering. 

Therefore, methodologies are continuously evolving to develop models that more accurately 

represent in vivo conditions. The traditional 2D cell culture model has been widely used for 

decades, providing a convenient and direct approach for studying cell behavior. In this 

system, cells are typically grown as a monolayer on flat surfaces, such as plastic or glass, 

creating a simplistic environment that fails to mimic the complex, multilayered organization 

of native tissues [64]. Despite its limitations, 2D culture systems offer several advantages, 

making them a standard method in many research areas. They are relatively simple, cost-

effective, and allow for reproducible results. This makes 2D cell culture systems particularly 

useful in high-throughput drug screening and initial toxicity assessments, where quick and 

reliable data is crucial [65]. However, while 2D cultures provide benefits in terms of cost, 

simplicity, and reproducibility, they do not accurately mimic the complex 

microenvironments found within living tissues [66], [67]. The primary limitations of 2D 

culture systems are their inability to replicate the 3D architecture, biochemical gradients, and 

mechanical properties observed in vivo [68]. In living organisms, tissues are composed of 

complex biochemical gradients, physical structures, and mechanical forces that are largely 

absent in 2D systems. As a result, cellular activities, including  cell proliferation, 

differentiation, and gene expressions, may differ drastically between 2D and 3D cell culture 

environments [67]. These limitations highlight the need for more advanced models that 

better mimic native tissue environments to gain a deeper and more accurate understanding 

of cellular processes and responses. 

 

In contrast, 3D cell culture techniques have gained increasing attention in recent years 

due to their ability to mimic the in vivo microenvironment, thus offering a more 

physiologically relevant cell culture model for studying cell dynamics [69]. 3D cell culture 

systems use hydrogels, tissue scaffolds and bioreactors, all of which facilitate cell-cell 

interactions and biochemical signaling, similar to those found in native tissues [70].  
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Hydrogels are particularly favored due to their ability to mimic in vivo tissue stiffness, 

which can be adjusted depending on cell type. These approaches allow cells to grow in a 

more spatially organized manner, mimicking the architecture of native tissues. In addition, 

3D cell cultures can incorporate ECM components, which play a critical role in cellular 

signaling and behavior, thereby further enhancing physiological relevance [71]. The 

comparison of 2D cell culture and hydrogel-based 3D cell culture systems is shown in Figure 

2.3. 

 

 

 

 

Figure 2.3. Comparison of 2D cell culture vs. hydrogel-based 3D cell culture [72], [73] (Created with 

BioRender.com) 

 

 

The differences in cellular behavior between 2D and 3D cell culture systems influence 

their drug response, particularly in the context of drug resistance, a major challenge in cancer 

therapy. Studies comparing human breast cancer cell lines in both systems have shown that 

cells in 3D cell cultures exhibit greater drug resistance than those in 2D cell cultures, 

highlighting the importance of using 3D models in preclinical pharmacological tests to 
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improve the accuracy of therapeutic predictions [74]. In another study, collagen-based 

hydrogels were employed to develop 3D tumor models using multicellular tumor spheroids 

(MCTS), where cells are embedded within the collagen matrix [75]. This research 

demonstrated that these 3D models enhance drug screening capabilities and reveal 

significant differences in cell shape, density, and drug sensitivity compared to traditional 

monolayer 2D cell cultures, further emphasizing their relevance in cancer research. This 

discrepancy indicates the necessity of using 3D cell culture models in preclinical drug 

testing, as they provide a more accurate prediction of therapeutic effectiveness. Additionally, 

animal models are widely used in research to evaluate new drugs and treatments. However, 

advances in 3D culturing techniques have enabled researchers to create tumors and organ 

models for drug testing, reducing their reliance on animal models [76]. As these techniques 

continue to evolve and gain broader acceptance, their adoption is expected to decrease the 

dependence on animal testing in the future. 

 

Despite its advantages, the application of 3D cell culture systems presents several 

challenges. 3D models are often technically demanding and resource-intensive, requiring 

specialized skills and equipment, which may not be readily available in all research facilities 

[77]. The complexity of experimental setup, as well as the requirement for specific 

biomaterials and culture conditions, can lead to higher costs and a steeper learning curve for 

researchers. In addition, the analysis of 3D cell culture systems is more challenging than 2D 

systems, as visualization techniques, such as microscopy, must be adapted to accommodate 

the 3D structure [78].   

 

Both 2D and 3D culture systems have distinct advantages and limitations that affect 

their use in biomedical research. 2D cell cultures are convenient, cost-effective, and easy to 

characterize, making them ideal for high-throughput screening and preliminary research 

[79]. However, the risk of excessive simplification and lack of physiological relevance can 

lead to misleading conclusions. On the other hand, 3D cell culture systems provide a more 

realistic environment that better mimic in vivo conditions, offering invaluable ideas about 

cellular interactions and responses to drug treatments. 
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2.3.2. Cell Co-Culture Approaches 

 

Co-culture systems in tissue engineering have developed into a crucial innovation, 

improving cellular interactions and enhancing the functionality of engineered tissues. Co-

culture studies involve the simultaneous cultivation of two or more distinct cell types, 

allowing for a more accurate imitation of native tissue environment compared to traditional 

monoculture systems. This methodology offers a more predictive model for studying cellular 

behaviors and responses, ranging from simple physical mixtures of cell types to sophisticated 

3D constructs that foster interactive cellular environments [80].  

 

A key advantage of co-culture systems is their capacity to mimic the complex 

intercellular interactions found in native tissues, thereby improving overall tissue function. 

These systems serve two key roles: facilitating tissue formation through direct or indirect 

cellular interactions and preserving stem cell potency during expansion, often via feeder 

layers that secrete signaling factors. By mimicking native tissue dynamics, co-culture 

strategies provide advantages beyond those offered by tissue scaffolds and soluble factors, 

ultimately enhancing the efficiency of tissue engineering [81].  

 

In native tissues, cellular behavior is largely influenced by neighboring cells through 

direct contact and soluble factors. Co-culture models have been specifically designed to 

mimic these interactions more accurately than monoculture systems, thereby advancing 

tissue engineering methodologies [82]. Furthermore, co-culture systems enable the study of 

intercellular signaling mechanisms, which are critical for tissue development and 

homeostasis, by mimicking the complex microenvironment of human tissues [83]. For 

example, the main advantage of co-culture approach in bone tissue engineering over 

monoculture approach is its ability to promote interactions between major cell types, 

resembling native bone tissue, while enabling real-time communication between osteoblasts 

and endothelial cells [83]. These interactions have been shown to stimulate angiogenic 

pathways, promoting a microenvironment conducive to vascularization, an essential factor 

for the functional integration of engineered tissues [84]. 
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2.4. Hydrogels in 3D Cell Cultures 

 

Hydrogels are 3D polymer networks that are hydrophilic, enabling them to absorb and 

retain large volumes of water or biological fluids while maintaining their structural integrity 

through chemical or physical cross-linking between individual polymer chains [85]. They 

are valuable not only for their high-water content, but also for their capacity to enable 

controlled release of active substances, biocompatibility, and tunable mechanical properties, 

making them ideal for a wide variety of applications. 

 

Hydrogels can be classified as either natural or synthetic, each offering distinct 

advantages. Natural hydrogels, such as collagen, alginate, chitosan, gelatin and hyaluronic 

acid, are derived from biological sources and generally exhibit higher biocompatibility, 

biodegradability and lower cytotoxicity than synthetic hydrogels [86]. However, they have 

some limitations including low mechanical strength and difficulties in control due to batch 

variability. On the other hand, synthetic hydrogels such as poly(ε-caprolactone) (PCL), 

poly(lactic acid) (PLA), poly(glycolic acid) (PGA), and poly(lactide-co-glycolic acid) 

(PLGA) and polyethylene glycol (PEG), are produced via chemical synthesis, enabling 

better control over their physical, chemical, and mechanical properties [87]. Synthetic 

polymers are inherently more hydrophobic and chemically robust than natural polymers. 

Although their enhanced mechanical strength contributes to slower degradation, it also 

improves their durability [88]. However, hydrogels obtained from natural polymers are often 

preferred because of their biocompatibility and reduced toxicity. 

 

In the field of medicine, hydrogels are widely used in drug delivery systems, wound 

management, and tissue engineering. Their moisture-retaining properties help maintain an 

optimal environment for wound healing while providing an effective barrier against 

infections [89]. Recent advancements have also demonstrated their potential as scaffolds in 

tissue engineering, offering a suitable matrix for cell attachment and growth to aid in tissue 

regeneration [90]. Their unique properties, which closely mimic natural ECM, along with 

their adjustable physical and chemical properties, are essential for optimizing the tissue 

scaffold design in regenerative medicine. This makes hydrogels a key focus of research and 

application in various tissue engineering contexts.  Additionally, hydrogels can be designed 

to deliver therapeutic compounds in a controlled manner by encapsulating active 
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pharmaceutical ingredients and releasing them gradually [91]. Consequently, the literature 

describes many hydrogels with varying properties and purposes (Table 2.1). 

 

Table 2.2.1. Literature examples on hydrogel types, fabrication methods, and cells used in hydrogel-based 

3D culturing 

 

Hydrogel 

Type 

Fabrication 

Technique 

Cells Features Ref. 

Gelatin-

Alginate 

3D 

bioprinting 

Fibroblasts, 

human umbilical 

vein endothelial 

cells (HUVECs), 

dermal papilla 

cells (DPCs) and 

epidermal cells 

Biocompatibility, mechanical 

stability, and the ability to 

support cell encapsulation, 

proliferation, and self-

aggregation, making it ideal for 

3D bioprinting and hair follicle 

regeneration. 

[92] 

Alginate 

Chitosan 

Collagen 

Freeze-

drying 

Human 

keratinocyte cell 

line (HaCaT) 

High porosity, tunable pore size, 

excellent biocompatibility, 

enhanced water retention, and 

structural similarity to the ECM 

making it an ideal scaffold for 

skin tissue applications. 

[93] 

Keratin-

PEG 

Photo-

crosslinking 
Fibroblasts 

Rapid gelation, tunable 

mechanical properties, and 

excellent cytocompatibility, 

making it suitable for 2D and 3D 

cell culture, microfabrication, 

and tissue engineering 

applications. 

[94] 

Type I 

Collagen 

3D 

bioprinting 

Human Dermal 

Fibroblasts, 

Keratinocytes, 

Melanocytes 

Full-thickness biomimetic skin 

model with fibroblasts, 

keratinocytes, and melanocytes, 

enabling stable cell growth, 

dermal-epidermal structure, and 

freckle-like pigmentation 

without external stimuli. 

[95] 

Alginate 

Collagen 

Enzyme-

mediated 

crosslinking 

Human amniotic 

mesenchymal 

stem cells 

Improved elasticity, reduced 

swelling and degradation rates, 

enhanced cytocompatibility, and 

the ability to induce 

chondrogenic differentiation of 

human amniotic mesenchymal 

stem cells, making it a promising 

scaffold for cartilage tissue 

engineering. 

[96] 
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The structural properties of hydrogels play a vital role in tissue engineering. Their 

porous nature facilitates nutrient exchange, waste removal, and cell attachment, while 

biochemical modifications can enhance adhesion, migration, and differentiation [97]. 

Beyond structural advantages, hydrogels have diverse applications across various tissue 

types. In skeletal tissue engineering, hydrogels have been utilized for delivering growth 

factors while simultaneously providing a supportive scaffold that enhances osteogenesis, 

thereby promoting bone regeneration [98]. Similarly, in cardiac tissue engineering, 

hydrogels have been employed to develop biomimetic platforms that replicate the 

mechanical properties of heart tissue. These advancements improve the structural integration 

and functional performance of cardiac cells, ultimately contributing to enhanced cardiac 

repair and regeneration [99]. Additionally, the incorporation of conductive materials into 

hydrogels has garnered significant interest in neural tissue engineering. These hybrid 

materials facilitate the transmission of electrical signals, which is essential for neuronal 

function and communication, thereby offering promising applications for neural repair and 

regeneration [100].  

 

Despite their promising biomedical potential, the clinical application of hydrogels 

presents several challenges. Key issues include scalability, reproducibility of production, and 

the long-term stability of hydrogels in vivo, which remain significant barriers to their 

widespread use [101]. A major limitation of hydrogels is their slow response time, which 

restricts their utility in applications requiring rapid actuation, such as sensors or artificial 

muscles. The delayed responsiveness reduces their suitability for large-scale industrial or 

biomedical applications that demand high reaction efficiency [102]. To address these 

limitations, ongoing research focuses on the developing composite hydrogels that integrate 

the advantages of both synthetic and natural biomaterials. By combining the structural 

integrity of synthetic polymers with the bioactivity of natural components, these advanced 

hydrogels aim to enhance both mechanical resilience and biocompatibility [103]. Such 

innovations hold great promises for expanding the clinical and industrial applicability of 

hydrogels, paving the way for more effective and versatile biomaterials in regenerative 

medicine. 
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2.5. Collagen  

 

Collagen is the most abundant fibrous protein in the human body, constituting 

approximately 30% of the total protein content. It is a vital structural component of various 

tissues, accounting for about 75% of the dry weight of the skin and serving as a primary 

element of the ECM [104]. As a key ECM component, collagen contributes to tissue 

resilience and mechanical strength. Collagen is found in numerous tissues, including 

connective tissues, skin, tendons, cornea, and cartilage. Due to its widespread presence and 

importance, collagen sourced from a various species, such as bovine, porcine, fish, marine 

sponge, shellfish, and jellyfish has been extensively studied and utilized in biomedical and 

industrial applications [105].  

 

To date, 29 distinct types of collagens have been identified, all of which share a 

characteristic triple-helix structure, consisting of three intertwined polypeptide chains 

(Figure 2.4). Among these, collagen types I, II, III, V, and XI are particularly notable for 

their ability to form collagen fibers, which are essential for the structural integrity of tissues. 

The basic unit of collagen molecules consists of three alpha chains that assemble into the 

triple-helix configuration. Each alpha chain is composed of over a thousand amino acids 

arranged in a repeating tri-peptide sequence, typically following the pattern -Gly-X-Y, where 

glycine (Gly) occupies every third position, while X and Y represent variable amino acids 

[106]. This structure enables collagen fibers to withstand significant tensile stress while 

preserving flexibility.  

 

Collagen has become a key material in biomedical applications because of its 

beneficial properties, such as biocompatibility, biodegradability, and minimal 

immunogenicity. Collagen-based natural biomaterials have emerged as promising candidates 

for tissue engineering. A notable example is the development of collagen-based hydrogels, 

which can be produced to mimic the mechanical and biochemical properties of native tissues 

[107], [108]. These hydrogels are increasingly explored for use in tissue scaffolds that 

support cell growth and tissue repair, highlighting collagen’s potential in advancing 

regenerative medicine and related fields. For example, in one study, human HaCaT 

keratinocytes and dermal fibroblasts were seeded onto electrospun denatured collagen I 

microfiber scaffolds [109]. The results demonstrated that these collagen scaffolds offer 
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enhanced mechanical properties, including improved structural stability and reduced graft 

shrinkage, while also preventing immune responses. These advantages highlight the 

potential of collagen scaffolds in tissue engineering and regenerative medicine. 

 

 

 

 

Figure 2.4. Structure of collagen (Created with BioRender.com) 

 

 

2.6. Keratin 

 

Keratin is one of the most abundant structural proteins in epithelial cells , alongside 

collagen, and is among the most essential biopolymers in animals [110]. As a class of fibrous 

structural proteins, keratin plays a fundamental role in human physiology by contributing 

significantly to structural integrity and the function of various tissues. It is mainly found in 
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epithelial cells, where it participates in several physiological processes, particularly in 

maintaining the integrity of the epithelial tissues [111].  

 

The unique structural characteristics of keratin contribute to its exceptional mechanical 

properties, making it not only a structural scaffold but also a promising biomaterial for 

various biomedical applications [112]. Keratin-based materials have revolutionized modern 

biomaterials due to their biodegradability, biocompatibility, and mechanical durability. 

These versatile biopolymers, derived from sources such as wool, hair, nails, feathers, and 

horns, can be processed into sponges, films, and hydrogels for diverse biomedical 

applications [113].   

 

Keratin proteins extracted from hair are classified as alpha- and beta- keratins. Alpha-

keratins, found in the cortex of hair fibers, have an alpha-helical structure, a low sulfur 

content, and a molar mass of 60–80 kDa [114]. They primarily compose wool, hair, hooves, 

nails, horns, and the stratum corneum. Beta-keratins, which dominate the cuticle, serve a 

protective role and are the main component of feathers [113], [114]. In alpha-keratin, 

polypeptide chains adopt an alpha-helical structure, forming a coiled-coil arrangement  

[115]. In contrast, beta-keratin consists of pleated beta-sheets (Figure 2.5). 

 

Keratin also plays a crucial role in wound healing and tissue regeneration. Studies 

indicate that keratin-based biomaterials can enhance cell proliferation and differentiation, 

creating an environment conducive to wound healing [116]. Additionally, several innovative 

biomaterial applications utilizing keratin are expanding its use in regenerative medicine. For 

example, keratin films have been developed for ocular surface reconstruction, demonstrating 

their ability to support the healing of damaged tissues [117]. The adaptability of keratin in 

the fabrication of films and scaffolds for cell culture is further enhanced by its compatibility 

with various  cell types, making it highly suitable for tissue engineering [118]. Furthermore, 

combining keratin with other biomaterials improves mechanical strength and cellular 

adhesion, leading to enhanced outcomes in regenerative applications. 
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Figure 2.5. Structure of keratin (Created with BioRender.com) 

 

 

2.7. Alginate 

 

Alginate is a hydrophilic anionic polysaccharide with excellent bioactivity and 

biocompatibility. Primarily derived from the cell walls of brown seaweeds, alginates provide 

a flexible mechanical structure that protects seaweed from damage caused by strong water 

currents [119]. Their distinct physicochemical characteristics, such as high gelation capacity, 

non-toxicity, and biodegradability, have enabled their broad application in biomedical fields 

like drug delivery, wound healing, and tissue engineering.  

 

Structurally, alginate is a polyanionic polysaccharide composed of α-L-guluronate (G) 

and β-D-mannuronate (M) units, irregularly linked by β-1,4-glycosidic bonds (Figure 2.6) 

[120]. The proportion and sequence of these G and M units influence the mechanical and 

biological properties of alginate-based materials. These characteristics enable alginate to be 

processed into diverse 3D scaffolding materials, including hydrogels and microcapsules, 

which have demonstrated efficacy in tissue repair and scaffold-based cell growth [121]. A 

defining property of alginate hydrogels is their ability to cross-link into matrices that mimic 

the ECM. This cross-linking capability grants alginate hydrogels a high water retention 
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capacity, ranging from 20% to 90% of their original mass, which is crucial for 

biocompatibility, cellular retention, and bioactive molecule delivery [122]. 

 

The biomedical applications of alginate are extensive due to its structural similarity to 

the natural ECM and its ability to support cell growth and differentiation. Alginate-based 

systems serve as vehicles for regulated release of therapeutic agents such as small-molecule 

drugs and proteins. Mild gelation via the additions of divalent cations, such as calcium ions 

(Ca2+), further enhances their usability by allowing for tailored mechanical properties suited 

to specific biomedical needs [123]. Recent advances in alginate research have expanded its 

applications to include 3D tissue cultures, antibiotic adjuvants, and cell transplantation, 

particularly in diabetes treatment. Furthermore, alginate-based formulations are being 

explored for neurological disease therapies, as well as antimicrobial and antiviral treatments 

[124]. These ongoing developments underscore the versatility and biomedical potential of 

alginate-based biomaterials, positioning them as crucial components in modern therapeutic 

and regenerative medicine strategies. 

 

 

 

Figure 2.6. Structure of sodium alginate (A: monomers of alginate, B: chain configuration) (modified from 

[125] and [126] and created with BioRender.com) 
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3. MATERIALS AND METHODS 

 

 

3.1. Materials 

 

Materials used for protein extraction: 12-14 kDa cellulose dialysis membrane 

(TX0112) was purchased from BioBasic, Canada. Pepsin (10,000 N.F. U/mg) from the 

porcine stomach was obtained from Genaxxon, Germany. Protein Ladder, Color Prestained 

Protein Standard, Broad Range (10-250 kDa) was purchased from Biolabs, USA. Coomassie 

Brilliant Blue R-250 was provided form Serva Electrophoresis GmbH, Germany. Sodium 

bisulfite (NaHSO3) and Urea (USP Grade) were obtained from VWR Life Science 

AMRESCO, USA. Collagen solution from human fibroblasts, hydrogen peroxide solution 

(30% w/w in H2O), sodium sulfide (Na2S), ammonia solution 25%, glacial acetic acid, 

glycerol, absolute ethanol, chloroform, methanol, sodium dodecyl sulfate (SDS), sodium 

hydroxide (NaOH), sodium chloride (NaCl), Sodium acetate trihydrate, ammonium 

persulfate (APS), tris(hydroxymethyl)aminomethane (Tris Base), 

tris(hydroxymethyl)aminomethane hydrochloride (Tris HCl), acrylamide, 

bisacrylamide(N,N-methylenebisacrylamide) and N,N,N,N-tetramethyl ethylenediamine 

(TEMED) were obtained from Sigma Aldrich, Germany.  

 

Materials used for hydrogel preparation: Sodium alginate, phosphate buffered saline 

(PBS) tablet, sodium hydroxide (NaOH), N-(3-dimethylaminopropyl)-N′-ethylcarbodiimide 

(EDC), N-hydroxysuccinimide (NHS), glacial acetic acid, sodium carbonate monohydrate, 

methanol, copper(II) sulfate pentahydrate (CuSO4⋅5H2O), magnesium chloride hexahydrate 

(MgCl2⋅6H2O), paraformaldehyde (PFA), absolute ethanol and  sodium azide (NaN3) were 

provided from Sigma Aldrich, Germany. Calcium chloride dihydrate (CaCl2⋅2H2O) was 

purchased from Multicell International Ltd., United Kingdom. Sodium potassium tartrate  

was obtained from Kartal Kimya, Turkey. Micro BCA reagent B was provided from Thermo 

Scientific, USA.  

 

Materials used for mold preparation: Epoxy-based soybean oil resin (Eco UV Resin) 

was purchased from Anycubic, China. 
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Materials used for cell culture studies: Human dermal fibroblasts-adult (HDF-a, PCS-

201-012) was obtained from ATCC®, USA. Immortalized human keratinocytes (HaCaT) 

was provided from Cytion, Germany. Dulbecco's Modified Eagle Medium (DMEM), high 

glucose, with glutamine, with sodium pyruvate and fetal bovine serum were purchased from 

Gibco, USA. Penicillin/streptomycin solution (100X) and tyripsin 0.25%-EDTA 0,02% in 

Hank’s Balanced Salt Solution (HBSS)  were obtained from Biowest, France.  Resazurin 

sodium salt was purchased from Cayman Chemical, USA. VybrantTM DiD and VybrantTM 

DiO  cell-labeling solutions were purchased from InvitrogenTM, USA. Sterile syringe filter 

(0.22 µm ) was obtained from Chrom Tech Inc., USA. 

 

All chemicals used were of analytical grade and were utilized as received, without 

additional purification.  

 

 

3.2. Methods 

 

3.2.1. Extraction and Characterization of Collagen and Keratin 

 

The collagen type I used in the hydrogels was extracted from bovine Achilles tendons 

provided by the Meat and Milk Board (Turkey). These tendons were stored at -20°C until 

the protein extraction process. For the extraction of collagen, the tendons were first cleaned 

to remove attached meat, washed with ethanol followed by distilled water, and then cut into 

1 cm thick slices. The tendon pieces were immersed in a 100 mM NaOH solution at a solid 

to solvent 1:5 (w/v) ratio for six hours at room temperature to remove lipids and non-

collagenous proteins [127].  The solution was replaced every two hours during this process. 

After NaOH pre-treatment, the tendons were washed three times with distilled water to 

remove the NaOH solution. The acid-enzyme hybrid method was used to break down the 

triple helix of collagen and dissolve its individual chains in solution [127]. For this, the 

tendon pieces were homogenized using a hand blender in a 700 mM acetic acid solution at 

a solid to solvent 1:16 (w/v) ratio and stirred with a magnetic stirrer (MS-H280-Pro SET2, 

DLAB, Malaysia) at 4°C for 16 h. After the step of acidification, the pepsin was added into 

solution at an enzyme to collagen 1:20 (w/w) ratio and the solution was magnetically agitated 

for 72 h at 4°C. To stop the enzymatic digestion, 200 mM sodium acetate buffer (pH 5.0) 
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was added to the solution. The final solution was centrifuged (SL8R, Thermo scientific, 

USA) at 10,000 g for 30 min at 4°C to eliminate any undigested fragments. The pH was 

adjusted to 7 with 6 M NaOH in the presence of 50 mM Tris buffer. For precipitation of 

collagen, NaCl was added with a final concentration of 2.6 M, and the mixture was stirred 

at 4°C for 12 h. To collect collagen, the solution was centrifuged at 10,000 g for 90 min at 

4°C. After centrifugation, the supernatant was discarded, and the obtained precipitate was 

dissolved in 500 mM acetic acid. The dissolved collagen solution was dialyzed using a 12–

14 kDa dialysis membrane in 100 mM acetic acid for 24 h at 4°C and subsequently against 

distilled water at room temperature for 48 h, with continuous stirring on a magnetic stirrer.  

After dialysis, lyophilization (LyoQuest, Telstar, Spain) was performed to obtain the 

collagen. Collagen extraction steps are shown in Figure 3.1. 

 

 

 

Figure 3.1. Schematic representation of collagen extraction from bovine Achilles tendons 

 

 

Keratin used in the hydrogels was extracted from untreated waste human hair samples 

obtained from barbershops, using a combined method that involved reduction with sodium 

sulfide (Na2S) and sulfitolysis reaction with sodium bisulfite (NaHSO3) [128]. Waste hair 
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was cleaned with 70% (v/v) ethanol and distilled water, respectively, and then dried 

overnight at 40°C in an oven (Nüve, Turkey). For the delipidation process, hair samples were 

incubated in chloroform-methanol (2:1, v/v) solution for 6h at room temperature. Afterward, 

the solution was removed using Whatman Grade No. 1 filter paper and the hair was dried at 

70°C for 2 h. The dried hair was decolorized by incubating in a hydrogen peroxide-ammonia 

solution (2:1, (v/v)) for 15 min in the dark. During this process, ultraviolet (UV) light was 

applied for 15 s in every minute to accelerate the reaction. Then, the decolorized hair was 

allowed to dry at room temperature for 24 h. For the extraction of keratin from decolorized 

hair, an extraction solution was prepared containing 8.0 M urea, 500 mM NaHSO3, 125 mM 

Na2S, and 100 mM sodium dodecyl sulfate (SDS). The dried hair was cut into small pieces 

using scissors, mixed with the extraction solution, and stirred on a magnetic stirrer at 50°C 

for 4 h. After 4 hours, the mixture was centrifuged at 10,000 g for 30 min at room 

temperature, and the supernatant was transferred to 12-14 kDa dialysis membrane, where it 

was dialyzed in distilled water for 5 days on a magnetic stirrer. The water was changed at 

regular intervals during the 5-day period at room temperature. After dialysis, lyophilization 

was applied to obtain the keratin. Keratin extraction steps are shown in Figure 3.2. 

 

 

 

 

Figure 3.2. Schematic representation of keratin extraction from human hair waste 
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The chemical properties of the collagen and keratin obtained after lyophilization were 

investigated by attenuated total reflectance Fourier transform infrared spectroscopy (ATR- 

FTIR; Nicolet iS50, Thermo Fisher Scientific Inc., USA) in the range of 450-4000 cm–1.  

 

The extracted keratin and collagen samples were identified by Sodium Dodecyl 

Sulfate-Polyacrylamide Gel Electrophoresis (SDS-PAGE) according to the method 

described by Laemmli [129] with modifications. Keratin and collagen samples were first 

dissolved in distilled H2O and 100 mM acetic acid, respectively, to achieve final 

concentrations of 1 mg/mL. The protein solutions were then mixed with 4X Laemmli sample 

loading buffer at a protein to buffer 3:1 ratio (v/v). The samples in the loading buffer were 

heated at 95°C for 5 min. For the SDS-PAGE analysis, a 4% stacking gel was prepared for 

both proteins, while separating gels of 10% and 7.5% were used for keratin and collagen, 

respectively. For polyacrylamide gel electrophoresis, 20 μL of each sample was loaded onto 

polyacrylamide gels and electrophoresed at 400A and 60V for stacking gel, followed by 100 

V for the separating gel, using Mini PROTEAN® Tetra cell Electrophoresis System (Bio-

Rad, China). Afterward, the gels were stained with Coomassie Brilliant staining solution for 

30 min and subsequently was washed three times with distilled water and left overnight in a 

destaining solution. After overnight incubation, the protein bands were examined using a gel 

imaging system (Syngene, UK), and collagen and keratin-specific bands were identified 

based on the molecular weight marker. 

 

The formulations for Laemmli sample loading buffer (4X), Coomassie Brilliant staining 

solution, destaining solution, as well as stacking and separating gels, are provided in 

Appendix A. 

 

3.2.2. Preparation of Collagen/Keratin/Alginate Hydrogels 

 

To prepare the Collagen/Keratin/Alginate (Col/Ker/Alg) hydrogels, equal volumes of 

3% (w/v) collagen, 3% (w/v) keratin, and 3% (w/v) alginate stock solutions were prepared. 

Distilled water was used as a solvent for keratin and alginate, while 0.50 M acetic acid was 

employed for collagen. All stock solutions were stirred at 40°C on a magnetic stirrer, with a 

water bath ensuring uniform heat distribution. The prepared stock solutions were then mixed 

in a 1:1:1 volume ratio. To neutralize the mixture, 50 µL of 10 M NaOH solution was added 
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per mL of 0.50 M acetic acid. The mixture was stirred until fully dissolved, and a 

homogeneous appearance was achieved. Subsequently, the pre-gel mixture was poured into 

a 24-well plate in equal volumes and left for gelation at 4°C for 2 h.  

 

The gels, with their surfaces frozen and slightly solidified, were cross-linked for at 

4°C for 30 min using calcium chloride (CaCl2) solutions at varying concentrations (0.10 M, 

0.50 M or 1.0 M) prepared in 70% (v/v) ethanol solution. After the initial 30 min cross-

linking, the gels were flipped and incubated for an additional 30 min to ensure uniform 

distribution of the cross-linker throughout the gels. The physically cross-linked hydrogels 

were incubated in absolute ethanol for 30 minutes to remove excess water and bring the 

polymer chains closer together. At the end of incubation, the hydrogels were rinsed three 

times with distilled water and left to air-dry at room temperature for 15 min. Covalent cross-

linking was then performed by incubating the hydrogels overnight at 4°C in an EDC/NHS 

solution. The cross-linking solution was prepared by dissolving 1.150 g of EDC and 0.276 

g of NHS in distilled water per gram of collagen, with the pH adjusted to 5.5 using 0.5 M 

acetic acid. Finally, the chemically cross-linked hydrogels were washed thoroughly with 

distilled water and fully dried using lyophilization. Three different hydrogel groups, 

differing based on the concentration of the calcium chloride cross-linker (0.10 M, 0.50 M, 

or 1.0 M), were used in optimization studies. A schematic representation of the hydrogel 

preparation process is shown in Figure 3.3.  
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Figure 3.3. Schematic representation of the Collagen/Keratin/Alginate (Col/Ker/Alg) hydrogels 

 

 

3.2.3. Characterization of Collagen/Keratin/Alginate Hydrogels 

 

The chemical properties of Col/Ker/Alg hydrogels prepared with different 

concentration of the calcium chloride cross-linker (0.10 M, 0.50 M, or 1.0 M) were analyzed 

on Fourier transform infrared spectroscopy (ATR-FTIR, Nicolet is50, Thermo Fisher Inc., 

USA) from 450-4000 cm–1. 

 

The surface and cross-sectional morphology of hydrogel groups were analyzed using 

a scanning electron microscope (SEM, GAIA3+Oxford XMax 150 EDS, Tescan, Czech 

Republic).  Prior to SEM imaging, the lyophilized hydrogels were coated with a carbon layer 

using a high-vacuum coater (EM ACE600, Leica Microsystems, Germany).  
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The water uptake capacity of the hydrogels in phosphate-buffered saline (PBS, 0.1 M, 

pH 7.4) was determined using the gravimetric method (n=4). The initial mass of the 

lyophilized hydrogels (m0) was measured, and the hydrogels were then immersed in 2 mL 

of PBS containing Ca2+ ions (1 mM), Mg2+ ions (0.5 mM) and 0.02% (w/v) sodium azide 

(NaN3) at 37°C for 72 h. At regular time points (2, 4, 6, 24, 48, and 72 h), the swollen 

hydrogels were removed from the PBS solution, excess PBS was removed gently with a 

filter paper and then were weighed (m₁). The percentage water uptake of the hydrogels was 

calculated according to the Equation 3.1 [130]:  

 

                                 % 𝑤𝑎𝑡𝑒𝑟 𝑢𝑝𝑡𝑎𝑘𝑒 =
m1−m0

m0
𝑥 100                                                 (3.1) 

 

The in vitro hydrolytic degradation behavior of the of hydrogel groups was assessed 

in 2 mL of PBS containing Ca2+ ions (1 mM), Mg2+ ions (0.5 mM) and 0.02% (w/v) sodium 

azide (NaN3) at 37°C for 14 days (n=4). The initial mass of the lyophilized hydrogels (m0) 

was measured, and the hydrogels were then immersed in PBS solution. At the end of days 2, 

3, 7, and 14, the hydrogels were removed from the PBS, washed with distilled water, and 

lyophilized. After lyophilization, the hydrogels were weighed again (m₁), and the percentage 

of weight loss was determined using the following Equation 3.2 [131]: 

 

                                 % 𝑤𝑒𝑖𝑔ℎ𝑡 𝑙𝑜𝑠𝑠 =  
𝑚0−𝑚1

𝑚0
 𝑥 100                                                (3.2) 

 

During the in vitro hydrolytic degradation analysis, total protein release from the 

hydrogel groups was determined using the Bicinchoninic Acid (BCA) assay (n=4). At the 

end of 2 h, 4 h, 6 h, 1 day, 2 days, 3 days, 7 days, and 14 days, the PBS release medium was 

collected and replaced with fresh PBS. The collected release solutions were stored at 4°C 

until the BCA assay was performed. For the BCA assay, the collected release solutions were 

mixed in equal volumes with the BCA working solution, and the mixture was then incubated 

at 60°C for 1h in an oven (Bicasa, Italy). BCA working solution is prepared by mixing 25 

parts of sodium carbonate monohydrate-sodium tartrate buffer solution (pH 11.25) with 24 

parts of Micro BCA Reagent B, and 1 part of 4% (w/v) copper sulfate solution. After 1-h 

incubation, absorbance of the room temperature cooled samples was measured at 540 nm 
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and 630 nm using a microplate reader (ELx800 Bio-TEk Instruments Inc., USA). The 630 

nm background absorbance was subtracted from the 540 nm measurement. The total protein 

release was calculated using a calibration curve (Appendix B) constructed with standard 

keratin solutions (0.5, 1, 2.5, 5, 10, 25, 50, 100, 150, 200, 250 and 300 μg/mL) prepared in 

PBS. 

 

The in vitro degradation behavior of the Col/Ker/Alg hydrogel groups was also 

examined in cell culture medium at 37°C for 9 days. Dulbecco's Modified Eagle Medium 

(DMEM) supplemented with 10% (v/v) fetal bovine serum (FBS) and 1% (v/v) 

penicillin/streptomycin solution was used as a cell culture medium.  At the end of day 9, the 

hydrogels were removed from media, washed with PBS (pH 7.2), and fixed with 4% 

paraformaldehyde (PFA) in PBS for 15 min at 4°C for 30 min. Following fixation, hydrogels 

were washed with distilled water and dehydrated using a series of ethanol solutions (30%, 

50%, 70%, 80%, 96% and 100%) with each step lasting 5 minutes. Subsequently, the 

dehydrated hydrogels were dried at room temperature. The surface and cross-sectional 

morphology of dried hydrogel groups were analyzed using a SEM. Prior to SEM imaging, 

the lyophilized hydrogels were coated with a carbon layer using a high-vacuum coater. 

 

The percentage porosity of the hydrogels was investigated using the liquid 

displacement method (n=4). The initial mass (m0) and volume (V) of the lyophilized 

hydrogels were measured, and the hydrogels were then completely immersed in absolute 

methanol for 24 hours. After 24 hours, the hydrogels were removed from the methanol, 

excess methanol was removed gently with a filter paper and then were weighed (m₁). The 

percentage porosity of the hydrogels was calculated using the Equation 3.3 [132]: 

                                         % 𝑝𝑜𝑟𝑜𝑠𝑖𝑡𝑦 =
m₁−m0

𝑉×𝜌
× 100                                                       (3.3)            

𝜌 is the density of methanol. 

 

3.2.4. Design of and Three-dimensional (3D) Printing Micro-Patterned Stamps 

 

For the cell culture of fibroblast and keratinocyte cells, two distinct micro-patterned 

stamp designs were developed using computer-aided design (CAD) software (Autodesk® 

3ds Max). The column-shaped extensions with a diameter of 500 μm on the stamp were 
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dimensioned according to cell type: 3 mm in length for human dermal fibroblasts-adult 

(HDF-a) and 1 mm in length for immortalized human keratinocytes (HaCaT). Each stamp 

was designed to form 19 evenly spaced channels on a circular surface with a 1 cm diameter 

(0.79 cm²) on the hydrogel. An ergonomic structure was integrated into the stamp design to 

improve ease of handling. 

 

The stamps were fabricated using an LCD-based resin 3D printer (Anycubic Photon 

Mono, China) and epoxy-based soybean oil resin. The 3D printer has a filament light source 

with a wavelength of 405 nm and a power of 45 W. The printer was operated using its default 

software settings: a layer thickness of 50 μm, with UV exposure times of 40 seconds for the 

first six layers and 2 seconds for all subsequent layers. At the end of the 3D-printing process, 

the samples were carefully removed from the printing platform and the resin residues were 

removed by rinsing three times with distilled water. The stamps were then dried at room 

temperature and cured twice for 10 minutes in a laboratory-built UV post-curing device with 

four 365 nm, 9 W UV lamps (total 36 W UV output) and a 360-degree rotating curing 

platform at 6 rpm [133]. Prior to use, the stamps were sterilized under a Class II biological 

safety cabinet (BiOptima, Telstar, Spain). They were washed with 70% ethanol and 

subsequently exposed to UV light for 30 min. 

 

The surface morphology of micro-patterned hydrogels with deep and superficial 

channels created on their surface was analyzed using a SEM (GAIA3+Oxford XMax 150 

EDS, Tescan, Czech Republic).  Prior to SEM imaging, the lyophilized hydrogels were 

coated with a carbon layer using a high-vacuum coater (EM ACE600, Leica Microsystems, 

Germany).  

 

3.2.5. Formation of 3D Co-Culture Environment 

 

3.2.5.1. Cell Culture  

 

Human dermal fibroblasts-adult (HDF-a) and immortalized human keratinocytes 

(HaCaT) were cultured using Dulbecco's Modified Eagle Medium (DMEM) supplemented 

with 10% (v/v) fetal bovine serum (FBS) and 1% (v/v) penicillin/streptomycin solution at 

37°C in a 5% carbon dioxide (CO2) in an incubator (MCO-170AICD-PE, PHCbi Corp., 
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Japan). The culture media were replaced every three days, and the cells were sub-cultured at 

approximately 80-90% confluency by using a trypsin/EDTA solution. For both cells, the sub-

culture ratio is 1:5. 

 

3.2.5.2.  In vitro cell viability 

 

         To determine the hydrogel group to be used in the formation of the 3D co-culture 

environment, in vitro cell viability of HDF-a cells on Col/Ker/Alg hydrogels, cross-linked 

with 0.10 M, 0.50 M, or 1.0 M CaCl2, was examined. Prior to use, both sides of the hydrogels 

were UV-sterilized for 30 minutes under a Class II biological safety cabinet (BiOptima, 

Telstar, Spain). 

 

To evaluate in vitro cell viability on hydrogels, a resazurin assay was performed 

[134], [135].  Resazurin assay is relying on the principle that living cells convert the 

resazurin dye (which is blue and non-fluorescent) into resorufin (a red and fluorescent 

compound).  A 100 µL HDF-a cell suspension with a density of 5.0 × 105 cells/mL was 

seeded on the hydrogels, as well as on tissue culture plates (TCP) without hydrogel, which 

served as the control group. Cell seeded hydrogel and control group incubated in cell culture 

medium used in section 3.2.5.1 at 37°C in a CO2-incubator for 1, 4 and 9 days (n=4). After 

each incubation period, the medium in all groups was removed and replaced with cell culture 

medium containing resazurin reagent solution at a ratio of 1:10 by volume. The resazurin 

reagent was prepared by dissolving 0.15 mg/mL of resazurin sodium salt of in PBS (pH 7.2) 

and sterilized by filtration through a 0.22 µm syringe filter.  The samples were then incubated 

at 37 °C for 3 h in a CO2-incubator. At the end of 3h, supernatants were taken from the 

samples into a 96-well plate and the absorbances were recorded at 540 and 630 nm utilizing 

a microplate reader (ELx800 Bio-TEk Instruments Inc., USA). The same procedure was also 

applied to hydrogel groups and TCP without cell seeding (negative control groups). The 

absorbance values of the hydrogel and control groups were normalized using the values 

obtained from excitation at the reference wavelength and the absorbance values of the 

negative control groups. The percentage of resazurin reduction was calculated using 

Equation 3.4 [136]: 

            % 𝑟𝑒𝑑𝑢𝑐𝑡𝑖𝑜𝑛 𝑜𝑓 𝑟𝑒𝑠𝑎𝑧𝑢𝑟𝑖𝑛 =  
(𝑂2×𝐴1)−(𝑂1×𝐴2)

(𝑅1×𝑁2)−(𝑅2×𝑁1)
× 100                                                  (3.4) 
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where 

O1=molar extinction coefficient of oxidized resazurin reagent at 540 nm (47619) 

 O2 = Molar extinction coefficient of oxidized resazurin reagent at 630 nm (34798) 

R1 = Molar extinction coefficient of reduced resazurin reagent at 540 nm (104395) 

R2 = Molar extinction coefficient of reduced resazurin reagent at 630 nm (5494) 

A1 = Absorbance of the test sample (hydrogel group or TCP) at 540 nm 

A2 = Absorbance of the test sample (hydrogel group or TCP) at 630 nm 

N1 = Absorbance of the medium (negative control group) at 540 nm 

N2 = Absorbance of the medium (negative control group) at 630 nm 

 

3.2.5.3. Formation and Characterization of 3D Co-Culture Environment 

 

Both sides of the hydrogels to be used in preparing the 3D co-culture environment 

were UV-sterilized for 30 minutes under a Class II biological safety cabinet (BiOptima, 

Telstar, Spain). Using a micro-patterned sterile stamp specifically designed for HDF-a cell 

seeding, 3 mm channels (deep channels) were created on the hydrogels placed in 24-well 

plates. A 100 µL HDF-a cell suspension with a density of 2.5× 105 or 5.0 × 105 cells/mL was 

seeded on the deep channel hydrogels, as well as on TCP without hydrogel, which served as 

a two-dimensional (2D) culture environment Cell seeded hydrogel groups and TCP groups 

incubated in cell culture medium used in section 3.2.5.1. overnight at 37°C in a CO2-

incubator. After incubation, 1 mm channels (superficial channels) were created on same 

hydrogels using a micro-patterned sterile stamp specifically designed for HaCaT cell 

seeding. Then, a 100 µL of HaCaT cell suspension with a density of 2.5× 105 or 5.0 × 105 

cells/mL was seeded on the superficial channel hydrogels, as well as on TCP without 

hydrogel. Cell seeded hydrogel groups and TCP groups incubated in cell culture medium 

used in section 3.2.5.1. at 37°C in a CO2-incubator for 21 days Additionally, HDF-a and 

HaCaT cells were seeded separately onto the hydrogels and TCP. HDF-a and HaCaT 3D and 

2D co-culture groups, and 3D and 2D culture groups seeded with only HDF-a or HaCaT are 

given in Table 3.1.  
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Table 3.1. HDF-a and HaCaT 3D and 2D co-culture groups, and 3D and 2D culture groups seeded with only 

HDF-a or HaCaT cells. 

 

Group Name Group Description 

HDF-a hydrogel HDF-a cells with a density of 5.0×105 cells/mL were 

seeded on deep channel hydrogels  

HaCaT hydrogel HaCaT cells with a density of 5.0×105 cells/mL were 

seeded on superficial channel hydrogels  

HDF-a/HaCaT hydrogel 25 000 HDF-a and HaCaT cells, each with a density of 2.5 × 

105 cells/mL, were seeded on hydrogels  

HDF-a/HaCaT hydrogel 50 000 HDF-a and HaCaT cells, each with a density of 5.0 × 

105 cells/mL were seeded on hydrogels 

HDF-a TCP HDF-a cells with a density of 5.0 × 105 cells/mL were 

seeded on TCP 

HaCaT TCP HaCaT cells with a density of 5.0 × 105 cells/mL were 

seeded on TCP 

HDF-a/HaCaT TCP 25 000 HDF-a and HaCaT cells, each with a density of 2.5 × 

105 cells/mL, were seeded on TCP  

HDF-a/HaCaT TCP 50 000 HDF-a and HaCaT cells, each with a density of 5.0 × 

105 cells/mL, were seeded on TCP  

 

 

In the characterization of the 2D and 3D co-culture groups, and 3D and 2D culture 

groups seeded with only HDF-a or HaCaT cells, in vitro cell viability was monitored with 

resazurin assay and fluorescence analysis was performed using lipophilic VybrantTM DiD 

(red) and VybrantTM DiO (green) fluorescent cell markers.  

 

For cell viability monitoring, 2D and 3D groups were incubated in cell culture 

medium used in section 3.2.5.1. at 37°C in a CO2-incubator for 21 days (n=4). At the end of 
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day-1, 4, 7, 14 and 21, resazurin assay was performed as explained in Section 3.2.5.2 and 

the percentage of resazurin reduction was calculated using the Equation 3.4. 

 

For the fluorescence analysis, HDF-a cells labeled with Vybrant™ DiO (green) and 

HaCaT cells labeled with Vybrant™ DiD (red) were seeded onto hydrogel and TCP groups 

given in Table 3.1. For the fluorescent labeling of cells, 5 μL of the respective cell-labeling 

solution was added per mL of HDF-a or HaCaT cell suspension at a density of 1 × 106 

cells/mL in serum-free DMEM medium. The obtained solution mixed well by gentle 

pipetting and incubated for 15 min at 37°C. At the end of the incubation, the labeled cell 

suspensions were centrifuged at 800 rpm for HDF-a and 1500 rpm for HaCaT for 5 min. The 

supernatant was removed, and the labelled cells were gently resuspended in warm, complete 

cell culture medium.  

 

In the fluorescence characterization of the 2D and 3D groups, fluorescently labelled 

cells were seeded on the 2D and 3D groups as indicated in Table 3.1. All groups were 

incubated in cell culture medium used in section 3.2.5.1. at 37°C in a CO2-incubator for 7 

days (n=3). At the end of 1st, 4th and 7th days, the samples were examined using a fluorescence 

inverted microscope (DMi8, Leica Microsystems CMS GmbH,  Germany) with a  Leica 

CoolLED pE-300white LED-based light source, a Leica CMOS camera and a LED405 filter 

cube (Ex: 405/60, Em: 470/40) and a FITC LP filter  (Ex: 420/90, Em: 515). Fluorescent 

images are captured using the Leica DMi8 microscope digital camera system and the LAS 

X Imaging Software (Version 3.6.0.20104, Leica Microsystems CMS GmbH, Germany). 

 

3.2.6. Statistical Analysis 

 

         All data are expressed as mean ± standard deviation. Statistical analysis was performed 

using IBM SPSS Statistics (Version 26.0).  

 

For the statistical analysis of the water uptake capacity, in vitro degradation behavior 

of the hydrogels, total protein release from hydrogels, and in vitro cell viability: The 

assumption of normality was evaluated using the Shapiro-Wilk test, while the assumption of 

homogeneity of variances was assessed with Levene’s test. Since the data did not meet the 

assumptions for parametric tests (p < 0.05 for at least one group), differences between groups 
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were analyzed using the Kruskal-Wallis test, followed by pairwise comparisons using the 

Mann-Whitney U test with Bonferroni correction. A significance level of p ≤ 0.05 was 

considered statistically significant. 

 

For the statistical analysis of percentage porosity of the hydrogels: One-Way Analysis 

of Variance (ANOVA) and Tukey HSD test were applied to determine the significant 

differences in groups. The assumption of normality was evaluated using the Shapiro-Wilk 

test, and the homogeneity of variance assumption was tested using Levene’s test. Since both 

assumptions were met, a One-Way ANOVA test was conducted to examine whether there 

was a statistically significant difference between groups. If a significant difference was 

found, Tukey’s HSD post-hoc test was performed to determine which groups differed from 

each other. A significance level of p ≤ 0.05 was considered statistically significant. 
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4. RESULTS AND DISCUSSION 

 

4.1. Extraction and Characterization of Collagen and Keratin 

 

To prepare the Col/Ker/Alg hydrogels, collagen was extracted from bovine Achilles 

tendon, and keratin was extracted from human hair. The third component of the hydrogels, 

alginate, was purchased commercially. FT-IR spectra of extracted collagen and keratin with 

commercial alginate are shown in Figure 4.1. According to FT-IR spectrum for collagen, 

characteristic peaks corresponding to amide A, B, I, II and III are clearly observed in Figure 

4.1.a. The broad band at around 3303 cm-1  can be attributed to the N-H stretching vibration 

of the Amide A [137]. On the other hand, the Amide B peak arises from the asymmetric 

stretching vibrations of the CH2 group [137], and is observed at around 2926 cm⁻¹ [138]. 

The absorption peaks at 1634 cm⁻¹, 1544 cm⁻¹, and 1236 cm⁻¹ are attributed to the C=O 

stretching vibration of the amide I structure, the N-H bending and C-N stretching vibration 

peak of the amide II structure and the C-N stretching, N-H bending and C-H stretching 

vibrations of amide III, respectively [137], [139], [140]. Amide I, amide II, and amide III are 

directly associated with the peptide chain skeleton [137]. The peaks around 1402-1454 cm⁻¹ 

are mainly associated with the vibrations of pyrrolidine rings in proline and hydroxyproline 

within the collagen structure [137], [141].  

 

In the FTIR spectrum of extracted keratin, all the characteristic peaks specific to 

keratin are clearly observed (Figure 4.1.b). The broad band at 3278 cm⁻¹ can be assigned to 

the amide A structure [142], formed by the N-H stretching in the keratin chains [143], [144]. 

The absorption peaks at 1648 cm⁻¹, 1541 cm⁻¹ and 1196-1310 cm⁻¹ belong to the amide I, 

amide II and amide III structures, respectively [128], [143]. The broad peak at 1648 cm⁻¹ is 

associated with the C=O stretching vibration of the amide I structure [128], [145].The strong 

peak at 1541 cm⁻¹ (amide II) is attributed to the N-H bending vibrations and C-N stretching 

vibrations [143]. The wide absorption band around 1196 cm⁻¹ is associated with C-N 

stretching and C=O bending vibrations of amide III [128], [143]. The strong peak at 1023 

cm⁻¹ corresponds to the S–O symmetric stretching vibration of cysteine-S-sulfonate residues 

[128], [145], [146].  
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Figure 4.1. FTIR spectrum of extracted collagen from bovine Achilles tendon (A), human hair keratin (B) 

and commercially obtained alginate (C) 
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The FTIR spectrum of sodium alginate is shown in Figure 4.1.c. The spectrum reveals 

characteristic peaks at 3253 cm⁻¹, corresponding to O-H stretching [147], and peaks at 1593 

and 1406 cm⁻¹, which are attributed to the asymmetric and symmetric stretching vibrations 

of the carboxylate salt ion, respectively [148], [149]. Additionally, the peak at 1025 cm⁻¹ is 

linked to C–O stretching within the polysaccharide structure [150]. The C-O stretching 

vibration of uronic acid residues is commonly associated with bands near 947 cm⁻¹, while 

the bands in the range of 871–883 cm⁻¹ are linked to the C1-H deformation vibration of β-

mannuronic acid residues [151]. The peaks at around 2300 cm-1 in the spectrum of collagen, 

keratin and alginate are generally not considered intrinsic features of these samples.  Instead, 

they are most often attributed to instrumental artifacts or atmospheric interference that 

commonly affect the 2400–1900 cm⁻¹ region in ATR‐FTIR measurements. 

 

The molecular weight and structural integrity of the extracted collagen and keratin 

were investigated by SDS-PAGE analysis. Figure 4.2.a shows an image of the SDS-PAGE 

gel containing different concentrations (10, 15, 20, 50 and 1000μg/mL) of collagen extracted 

from bovine Achilles tendons, a reference collagen sample (1000μg/mL) and protein ladder. 

One reference collagen sample was included in the test as a point of comparison: Sigma-

Aldrich product collagen solution from human fibroblast (C2249). As shown in Figure 4.2.a, 

extracted collagen samples and reference collagen sample have alpha I (α1) and alpha II (α2) 

chains with molecular weights of approximately 130 kDa and 110 kDa, respectively. In 

addition, extracted collagen samples at 50 and 1000μg/mL concentration have beta (β) and 

gamma (γ) chains with a molecular weight of approximately 250 and 300 kDa, respectively.  

The characteristic alpha bands of type I collagen range from roughly 100 to 130 kDa, 

whereas the beta band is around 250 kDa [29]. SDS-PAGE analysis showed that extracted 

collagen samples were type I collagen. In a previous study, native collagen fibrils were 

extracted from bovine tendons using a modified acid-solubilized extraction and pepsin-aided 

method [152]. They observed that extracted native collagen fibrils have α1 and α2-chains 

with molecular weights of 135 and 100 kDa, respectively; β-chains with a molecular weight 

of 245 kDa; and γ-chains with a molecular weight higher than 250 kDa. As shown in Figure 

4.2.a, reference collagen sample, prepared from the extracellular matrix secreted by normal 

human fibroblasts, has no beta (β) and gamma (γ) chains.  
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Figure 4.2.b shows an image of the SDS-PAGE gel containing different keratin 

samples with a 3 mg/mL concentration extracted from human hair and protein ladder. When 

the SDS-PAGE results of extracted keratin samples were examined, keratin 

samples  extracted by reduction method have type I (acidic) keratins with molecular weight 

of between 39 - 45 kDa and type II (basic) keratin with molecular weight of 50-55 kDa [153]. 

In previous studies, extracted human hair keratin samples have shown α-keratin bands, 

which were also observed with a molecular weight between 40 and 60 kDa  [128], [154].  

 

 

 

 
 

 
Figure 4.2. SDS-PAGE analysis of extracted collagen (A) and keratin (B). C1: reference collagen sample 

(1000μg/mL); C2: extracted collagen (10 μg/mL); C3: extracted collagen (15 μg/mL); C4: extracted collagen 

(20 μg/mL); C5: extracted collagen (50 μg/mL); C6: extracted collagen (1000 μg/mL); C6: extracted collagen 

(50 μg/mL). K1-K4: extracted keratin (3 mg/mL) 
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4.2. Preparation and Characterization of Collagen/Keratin/Alginate Hydrogels 

 

During the preparation of Col/Ker/Alg hydrogels, two different cross-linking strategies 

were used. First, the prepared hydrogel solutions were cross-linked using CaCl2 solutions at 

varying concentrations (0.10 M, 0.50 M or 1.0 M). After that, they were further cross-linked 

using an EDC/NHS solution. CaCl2 salt  is widely used as a cross-linking agent for alginate 

hydrogels, as alginate readily undergoes ionic cross-linking with calcium ions through 

electrostatic interactions with the carboxyl groups along its polymer backbone [155]. EDC, 

a zero-length cross-linker, facilitates the formation isopeptide bonds between carboxyl and 

amine groups and is often used with NHS, which acts an EDC hydrolysis suppressor [156]. 

EDC/NHS is the most commonly used cross-linking agent for collagen due to its effective 

cross-linking ability and low cytotoxicity [157]. Three different hydrogel groups were 

obtained by varying the concentration of the calcium chloride cross-linker (0.10 M, 0.50 M, 

or 1.0 M) for subsequent optimization analyses. Macroscopic images from the hydrogel 

groups after lyophilization are shown in Figure 4.3. When the macroscopic images of 

hydrogels were examined, the structural integrity of the hydrogel cross-linked with 0.10 M 

CaCl2 was not properly maintained, whereas the hydrogels cross-linked with 0.5 M and 1.0 

MCaCl2 exhibited a more uniform structure. 

 

  

 
 

Figure 4.3. Macroscopic images from the hydrogels, cross-linked with 0.10 M (A), 0.50 M (B), or 1.0 M (C) 

CaCl2 

A B 
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4.2.1. Chemical Properties of Hydrogels 

 

The FTIR spectra of Col/Ker/Alg hydrogels cross-linked with 0.10 M, 0.50 M or 1.0 

M CaCl2 are given in Figure 4.4. Characteristic FTIR peaks of collagen, keratin and alginate 

are described in Section 4.1. were observed in the FTIR spectra of all hydrogel groups. The 

absorption peaks at around 3270-3283 cm-1 and 2850-2978 cm-1 are directly associated with 

amide A and amide B structures of protein components.  The amide I is observed within the 

range of 1600–1700 cm-1, whereas the amide II is observed at around 1538-1560 cm-1. The 

amide III band was observed within the range of 1169-1245 cm-1. The characteristic peak of 

alginate observed at 3253 cm⁻¹ corresponds to the O-H stretching and overlaps with Amide 

A band of keratin and collagen. The absorption peaks around 1420 cm⁻¹ are mainly 

associated with the vibrations of pyrrolidine rings in proline and hydroxyproline within the 

collagen structure, as well as the symmetric stretching vibrations of carboxylate salt ions 

related with alginate structure. The absorption peak at around 1023-1025 cm⁻¹ corresponds 

to the S–O symmetric stretching vibration of cysteine-S-sulfonate residues of keratin and the 

C–O stretching of the polysaccharide structure of alginate. Additionally, absorption peaks 

related to uronic acid and β-mannuronic acid residues of alginate were observed at around 

947 cm⁻¹ and in the range of 871–883 cm⁻¹. 
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Figure 4.4. FTIR spectrum of Col/Ker/Alg hydrogels cross-linked with 0.10 M (A), 0.50 M (B) or 1.0 M (C) 

CaCl2  (Yellow label: pyrrolidine ring of collagen and carboxylate salt ion of alginate; Purple label: S-O 

symmetric stretching of cysteine-S-sulfonate of keratin and C-O stretching of alginate; Green label: uronic 

acid of alginate; Blue label: β-mannuronic acid of alginate) 
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4.2.2. Morphological Properties of Hydrogels 

 

SEM images showing the surface and cross-sectional morphology of different 

hydrogel groups are given in Figure 4.5. When the surface morphologies were examined, 

there were variations in surface porosity among the groups. The surface morphology of the 

Col/Ker/Alg hydrogels changed with increasing CaCl2 concentration. The surface of the 

hydrogel cross-linked with 0.10 M CaCl2 was relatively smooth with minor porosity. As the 

concentration of CaCl2 increased to 0.50 M, the surface roughness increased, with noticeable 

layer formations. The hydrogel cross-linked with 1.0 M CaCl2 has a rough surface with 

visible crack structures. As the concentration of CaCl2 cross-linker increased, the hydrogel 

surface became rougher and denser. The 0.10 M CaCl2 cross-linked hydrogel had a low 

porous with obvious lamellar arrangements at the cross-sectional structure. The 0.50 M 

CaCl2 cross-linked hydrogel had a more open and interconnected cross-sectional structure 

compared to 0.10 M CaCl2 cross-linked hydrogel. The open and interconnected pores in the 

tissue scaffolds are important for the exchange of nutrients, gases and wastes  within the 

hydrogel, supporting cellular functions such as cell migration and proliferation [158]. 

Additionally, the pores in the 0.50 M CaCl2 cross-linked hydrogel were larger than those of 

0.10 M CaCl2 cross-linked hydrogel. The cross-sectional structure of the 1.0 M CaCl2 cross-

linked hydrogel was more compact and denser than that of the other hydrogels. Large, 

irregular fragments and breakages, which might indicate a brittle nature, were observed in 

the cross-sectional structure of 1.0 M CaCl2 cross-linked hydrogel. This might be due to 

excessive CaCl2 cross-linking. The results confirm that the concentration of CaCl2 plays a 

pivotal role in determining hydrogel surface and cross-sectional morphology. Optimizing the 

cross-linker concentration is therefore critical for balancing porosity in hydrogels intended 

for tissue engineering applications. A lower concentration of CaCl2 may induce reduced less 

cross-linking between alginate chains due to the limited availability of calcium ions required 

to form ionic bridges. At the lowest concentration (0.10 M), the insufficient availability of 

calcium ions restricted the extent of cross-linking, leading to a structure with lower porosity. 

This reduction in cross-linking can affect the structural stability of hydrogel as shown in 

Figure 4.3. In contrast, at the highest concentration (1.0 M), the increased availability of 

Ca²⁺ ions enhanced the cross-linking between alginate chains, leading to a more compact 

structure.  
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Figure 4.5. SEM images of the surfaces (S) and cross-sections (C) of Col/Ker/Alg hydrogels cross-linked 

with 0.10 M (S1, C1), 0.50 M (S2, C2) and 1.0 M (S3, C3) CaCl2, at 100x magnification. 
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4.2.3. Percent Water Uptake Capacities of Hydrogels 

 

The water uptake capacity of the hydrogels in PBS (0.1 M, pH 7.4) are shown in Figure 

4.6. At 2 hours, there is no statistically significant difference between the hydrogel groups 

(p = 0.055). This indicates that the effect of CaCl2 cross-linker concentration on water uptake 

is not yet apparent. Hydrogel cross-linked with 0.50 and 1.0M CaCl2 had higher water uptake 

compared to those of hydrogel cross-linked with 0.10 M CaCl2. In the study of Gajić et al., 

the swelling ratio of alginate hydrogel was significantly influenced by the concentration of 

Ca2+ ions, resulting in a denser network structure [159]. Greater cross-linking of alginate 

chains resulted in a reduced swelling ratio and decreased water-retaining capacity.  Although 

the Kruskal-Wallis test showed a general significant difference at the 4th, 6th, 24th,48th and 

72nd hour, no statistically significant difference was found in pairwise comparisons since p 

> 0.05 (Table 4.1). During 72-hour incubation, the hydrogel cross-linked with 0.10 M CaCl2 

retained less water compared to other hydrogels due to its low-porosity structure with 

obvious lamellar arrangements, as seen in Figure 4.5. Because of its open and interconnected 

pores in the structure, the hydrogel cross-linked with 0.50M CaCl2 showed the highest 

numerical percentage of water uptake value at the 4th, 6th, 48th and 72nd hours compared to 

that of other groups. The presence of open and interconnected pores might enhance better 

water diffusion and retention within the hydrogel. For the hydrogel cross-linked with 1.0 M 

CaCl2, as described in Section 4.2.2, cross-linking with higher amount of calcium ions leads 

to fractures and cracks, which created large volumes of voids within the hydrogel. These 

voids may have contributed to an increased water retention capacity. In a previous study, 

poly(2-hydroxyethyl methacrylate) (PHEMA) and silk sericin (SS) hydrogel scaffolds with 

larger pores had higher degrees of swelling as larger pores allow for greater water uptake 

[160].  
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Figure 4.6. Percentage water uptake of Col/Ker/Alg hydrogels cross-linked with 0.10 M, 0.50 M and 1.0 M 

CaCl2 

  

 

Table 4.1. p values for percentage water uptake values of Col/Ker/Alg hydrogels cross-linked with 0.10 M, 

0.50 M and 1.0 M CaCl2 according to Mann-Whitney U test (significant difference (p ≤ 0.05) 

 4 h 6 h 24 h 48 h 72 h 

Col/Ker/Alg (0.10M) vs. (0.50 M) 0.057 0.057 0.100 0.057 0.100 

Col/Ker/Alg (0.10M) vs. (1.0M) 0.100 0.100 0.100 0.100 0.100 

Col/Ker/Alg (0.50M) vs. (1.0M) 0.229 0.114 0.100 0.057 0.100 

      



51 

 

4.2.4. In Vitro Hydrolytic Degradation Behaviors of Hydrogels in PBS 

 

The in vitro degradation of the hydrogels in PBS at 37°C is another important property 

that determines the stability of the hydrogels under physiologically relevant conditions. The 

in vitro hydrolytic degradation behaviors of the hydrogels in PBS containing Ca2+ and Mg2+ 

ions were given in Figure 4.7. The results indicate that hydrogels cross-linked with 0.10 M 

CaCl2 exhibited a weight loss, while cross-linked with 1.0 M CaCl2 exhibited lower weight 

loss among the groups. This result suggested that an increased degradation stability was 

observed due to stronger CaCl2 cross-linking. Initially, all hydrogel formulations showed a 

rapid weight loss within the first two days, with the highest weight loss observed in the 

lowest CaCl2 cross-linked group. At day-2 and day 14, a statistically significant differences 

(p = 0.028) were observed between the percentage of weight loss values of 0.50M and 1.0 

M CaCl2 cross-linked hydrogels (Table 4.2), indicating that the Col/Ker/Alg (1.0 M) had 

significantly lower degradation compared to the Col/Ker/Alg (0.50 M). At day-3, a 

statistically significant difference (p = 0.028) was observed between the percentage of 

weight loss values of 0.10 and 1.0 M CaCl2 cross-linked hydrogels (Table 4.2). On day 7, no 

statistically significant differences were found among the groups (Table 4.2). The hydrogels 

with higher CaCl2 cross-linking exhibited reduced degradation due to increased cross-

linking, which provided a more stable polymeric network. In a previous study, cell-adhesive 

(RGD) and MMP-sensitive (VPMS↓MRGG) peptide domains incorporated hydrogel, 

formed from maleimide-functionalized hyaluronic acid, was developed for BMP-2 delivery 

[161]. The degradation rate of hydrogel decreased with increasing cross-link density. During 

the first two days, the 0.50 M hydrogel exhibited a lower degradation rate than the 1.0 M 

hydrogel. This difference may be attributed to the rough surface of 1.0 M hydrogel, which 

contains visible crack structures that could have led to sudden degradation during this period 

compared to the 0.50 M cross-linked hydrogel. However, in the following days, the situation 

appeared to reverse. 0.50 M cross-linked hydrogel, owing to its high-water retention 

capacity, may exhibit an increased degradation rate over time. In contrast, 1.0 M might 

demonstrate a more stable degradation kinetics. While the hydrogels cross-linked with 

0.10 M and 1.0 M cross-linked hydrogels showed relatively stable weight loss over time, the 

0.50 M cross-linked hydrogel may undergo continuous weight loss, a characteristic that 

could be advantageous in terms of biodegradability. 
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Figure 4.7. The in vitro hydrolytic degradation behaviors of Col/Ker/Alg hydrogels cross-linked with 0.10 

M, 0.50 M and 1.0 M CaCl2 (in PBS) 

 

 

Table 4.2. p values for in vitro hydrolytic degradation behaviors of Col/Ker/Alg hydrogels cross-linked with 

0.10 M, 0.50 M and 1.0 M CaCl2 (in PBS) according to Mann-Whitney U test (significant difference 

(p ≤ 0.05) 

 2 day 3 day 7 day 14 day 

Col/Ker/Alg (0.10M) vs. (0.50 M) 0.057 0.057 0.100 0.857 

Col/Ker/Alg (0.10M) vs. (1.0M) 0.057 0.028 0.057 0.057 

Col/Ker/Alg (0.50M) vs. (1.0M) 0.028 1.000 0.057 0.028 
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4.2.5. In Vitro Total Protein Release Profiles of Hydrogels 

 

During the in vitro hydrolytic degradation analysis, the cumulative protein release 

profiles from the hydrogels were determined using the BCA assay. The total protein release 

was quantified by using a calibration curve (Appendix B) constructed with standard keratin 

solutions prepared in PBS. The selection of human hair keratin in this calibration curve is 

based on its water-soluble nature and smaller molecular size (as seen in Figure 4.2) compared 

to collagen, which is insoluble in water due to its extensive triple-helix structure. This 

structural rigidity significantly limits collagen’s solubility in aqueous environments, which 

may affect its release behavior in PBS. Consequently, keratin’s higher water solubility and 

smaller molecular size may facilitate its faster and greater release from the Col/Ker/Alg 

hydrogel, while collagen largely remained within the hydrogel matrix due to its poor water 

solubility and larger molecular weight. A previous study performed a comparative analysis 

of various sodium alginate-based hydrogel compositions, incorporating additives like gelatin 

or fish collagen at different concentrations [162]. The results showed that replacing gelatin 

with fish collagen at the same concentration resulted in materials with reduced swelling 

capacity, slower degradation, and lower protein release. This is attributed to the increased 

stability of collagen under physiological conditions, in contrast to gelatin, which is a water-

soluble protein. 

 

In vitro the percentage of cumulative release profiles of groups in PBS containing Ca2+ 

and Mg2+ ions were presented in Figure 4.8. During the first 6 hours, all hydrogels showed 

a burst release, with the 1.0 M CaCl2 cross-linked hydrogel showing highest one. Until 6h, 

no statistically significant differences were found among the groups (Table 4.3). At 6h and 

Day 1, statistically significant differences were found between the 0.10 M and 1.0 M CaCl2 

cross-linked hydrogels and between the 0.50 M and 1.0 M CaCl2 cross-linked hydrogels 

(Table 4.3). At 6h and Day 1, 1.0 M CaCl2 cross-linked hydrogel exhibited higher protein 

release. As seen in Figure 4.5, 1.0 M CaCl2 hydrogel had large, irregular fragments and 

breakages in the cross-sectional structure. These irregular fragments and breakages may 

have contributed to the rapid protein release. Day 3 and after, all groups were statistically 

significantly different from each other. (Table 4.3). After Day 2, 0.50 M CaCl2 hydrogel 

exhibited the highest protein release, while 0.1 M CaCl2 hydrogel showed the lowest protein 

release. As seen in Figure 4.5, 0.10 M CaCl2 hydrogel showed the lowest porosity with a 
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smooth surface and lamellar arrangements in the cross-sectional structure. Additionally, 

these hydrogels had limited water uptake capacity compared to other groups (Figure 4.6). 

Therefore, slower water uptake may contribute to lower protein release. The highest protein 

release from the hydrogel cross-linked with 0.50 M CaCl2 can be attributed to its higher 

water uptake capacity (Figure 4.6), more porous structure (Figure 4.5) and faster degradation 

rate (Figure 4.7) compared to other groups. Research indicates that a higher swelling rate in 

hydrogels results in the formation of larger pores, facilitating the transport of protein 

molecules from the hydrogel [163]. In a previous study showed that slowed degradation 

processes led to limited protein release alginate hydrogels containing gelatin or fish collagen 

[162]. 

 

 

 

 

Figure 4.8. In vitro percentage of cumulative release profiles of Col/Ker/Alg hydrogels cross-linked with 

0.10 M, 0.50 M and 1.0 M CaCl2  
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Table 4.3. p values for in vitro percentage of cumulative release profiles of Col/Ker/Alg hydrogels cross-

linked with 0.10 M, 0.50 M and 1.0 M CaCl2 (in PBS) according to Mann-Whitney U test (significant 

difference (p ≤ 0.05) 

 

 2h 4h 6h 

Col/Ker/Alg (0.10M) vs. (0.50M) 0.570 0.570 0.808 

Col/Ker/Alg (0.10M) vs. (1.0M) 0.368 0.570 0.004 

Col/Ker/Alg (0.50M) vs. (1.0M) 0.686 0.200 0.029 

 1 day 2 day 3 day 7 day 14 day 

Col/Ker/Alg (0.10M) vs. (0.50M) 1.000 0.016 0.004 0.004 0.004 

Col/Ker/Alg (0.10M) vs. (1.0M) 0.004 0.004 0.004 0.004 0.004 

Col/Ker/Alg (0.50M) vs. (1.0M) 0.029 0.114 0.029 0.029 0.029 

 

 

4.2.6. In Vitro Degradation Behavior of the Hydrogels in Cell Culture Medium 

 

The in vitro degradation behaviors of the hydrogels in cell culture medium at 37°C 

were given in Figure 4.9. All hydrogel groups had rougher and more irregular surfaces 

compared to Figure 4.5, showing evidence of structural degradation. According to Figure 

4.5, 0.10 M CaCl2 hydrogel showed roughest surface among the hydrogel groups. 0.50 M 

CaCl2 hydrogel had a moderately rough surface with some porosity, whereas 1.0 M CaCl2 

hydrogel had the most compact surface among the groups. Higher cross-linking density (1.0 

M CaCl2) resulted in slow surface degradation as expected. This result is consistent with the 

findings in PBS, where low cross-linking resulted in faster degradation. Generally, sodium 

alginate in the hydrogels increases CaCl2 cross-linking sites, leading to a slower degradation 

rate [164]. A previous study investigated sodium alginate and gelatin hydrogels, ionically 

cross-linked using CaCl2 solutions at varying concentrations (10%, 5%, 2.5%, and 1%), in 

terms of mechanical properties, swelling behavior, FTIR, SEM, thermal stability, and 

biological characteristics [165]. They observed that hydrogels cross-linked with a 1% CaCl2 

solution exhibited higher weight loss compared to those cross-linked with a 2.5% CaCl2 

solution. 
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When the at the cross-sectional structure of hydrogels examined, hydrogel cross-linked 

with 0.10 M CaCl2 showed low porosity with high lamellar structure. The presence of 

fragmented and lamellar structures suggested that 9-day incubation in cell culture medium 

adversely affected the structural integrity of the hydrogel. In the cross-sectional structure of 

0.50 M CaCl2 hydrogel, the interconnected pores were protected, providing a more stable 

structure and allowing for adequate nutrient and water exchange. The cross-sectional 

structure of the 1.0 M CaCl2 hydrogel was denser than that of the other hydrogels. This might 

be due to excessive CaCl2 cross-linking. Larger lamellar areas were seen at the cross-

sectional structure of the 1.0 M CaCl2 hydrogel. 

 

After nine days of incubation in cell culture medium, the hydrogels showed better 

structural integrity compared to those incubated in PBS. PBS contained monovalent ions 

(e.g., Na⁺, K⁺) and divalent ions (e.g., Mg²⁺, Ca²⁺), which may compete with the cross-linking 

ions within the hydrogel matrix, leading to destabilization and accelerated degradation. In 

contrast, cell culture media are supplemented with FBS protein, which can adsorb onto the 

hydrogel surface, forming a protective barrier that slows down degradation. Additionally, 

PBS provides greater water availability, which promotes rapid swelling and hydrolytic 

degradation. In contrast, cell culture media contain biomolecules and nutrients that reduce 

the free diffusion of water into the hydrogel, thereby contributing to slower degradation rates  
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Figure 4.9. SEM images of the surfaces (S) and cross-sections (C) of Col/Ker/Alg hydrogels cross-linked 

with 0.10 M (S1, C1), 0.50 M (S2, C2) and 1.0 M (S3, C3) CaCl2 after 9 days of incubation in cell culture 

medium, at 100x magnification. 

 

S1 C1 

S2 C2 

C3 S3 
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4.2.7. Percent Porosity of Hydrogels 

 

The percentage porosity of the hydrogels was shown in Figure 4.10. Hydrogel cross-

linked with 0.10 M CaCl2 showed the lowest porosity, while there are no significant 

differences between hydrogel cross-linked with 0.50 M or 1.0 M CaCl2. These findings 

suggest that increasing the concentration of CaCl2 cross-linker had a significant effect on 

porosity. As seen in Figure 4.5, hydrogel cross-linked with 0.10 M CaCl2 showed the lowest 

porosity with a smooth surface and lamellar arrangements in the cross-sectional structure. 

Additionally, these hydrogels had limited water uptake capacity compared to other groups 

(Figure 4.6). These results were correlated with those related to percentage porosity of the 

hydrogels. Hydrogel cross-linked with 0.50 M had higher porosity with interconnected 

pores, a rougher surface morphology, and higher water uptake capacity compared to the 

hydrogel cross-linked with 0.10 M CaCl2, as shown in Figure 4.5 and Figure 4.6. The cross-

sectional structure of hydrogel cross-linked with 1.0 M CaCl2 had large, irregular fragments 

and breakages, resulting in a higher percentage porosity than that of the hydrogel cross-

linked with 0.10 M CaCl2. 

 

Increasing the concentration of a crosslinking agent typically results in a denser 

polymer network with smaller and fewer pores as explained in Section 4.2.2. In many 

systems, a higher crosslinker concentration reduces overall porosity by restricting the 

mobility and spacing of polymer chains, thereby limiting the free volume available for pore 

formation. For instance, studies on superporous hydrogels have demonstrated that as 

crosslinker concentration increases, swelling capacity decreases, which directly correlates 

with reduced porosity [166]. Similarly, research on HEMA‐based copolymers found that 

using crosslinkers with more reactive groups (i.e., a higher effective crosslinking 

concentration) formed denser, more compact networks with lower porosity [167]. 
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Figure 4.10. The percentage porosity of Col/Ker/Alg hydrogels cross-linked with 0.10 M, 0.50 M and 1.0 M 

CaCl2 

 

 

Table 4.4. p values for percentage porosity of Col/Ker/Alg hydrogels cross-linked with 0.10 M, 0.50 M and 

1.0 M CaCl2 according to One-Way ANOVA test (significant difference (p ≤ 0.05) 

 

Col/Ker/Alg (0.10M) vs. (0.50 M) 
0.0009 

Col/Ker/Alg (0.10M) vs. (1.0M) 0.0001 

Col/Ker/Alg (0.50M) vs. (1.0M) 0.15339 
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4.3. 3D Printed Micro-Patterned Stamps 

 

For the cell culture of fibroblast and keratinocyte cells, the designed micro-patterned 

stamps were successfully produced with a 3D printer. Figure 4.11. shows 3D-rendered 

models of micro-patterned stamps produced for fibroblast and keratinocyte cell seeding and 

photographs of the printed stamps. After the 3D printing of the stamps, measurements taken 

with a digital caliper showed that the design parameters were closely met. In addition, the 

surface and structural integrity of the resin material confirmed that the stamps could form 

uniform micro-patterns on the hydrogel surface. Visual assessments after the curing and 

sterilization processes confirmed that the stamps were suitable for use in terms of durability 

and surface quality. 

 

 

 

 

Figure 4.11. Micro-patterned stamps: (a) 3D stamp models and protective covers designed for seeding 

fibroblast and keratinocyte cells at different depths; (b) CAD design; (c) photograph of the 3D-printed stamps 
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The SEM images of deep and superficial channels formed using micro-patterned 

stamps on Col/Ker/Alg hydrogels are shown in Figure 4.12. Deep channels (Figure 4.5.a) 

were created on the hydrogels using the stamp designed for HDF-a cells, while superficial 

channels (Figure 4.5.d) were formed using the stamp designed for HaCaT cells. According 

to the SEM images of both groups, the diameter of the deep channels was larger than that of 

the superficial channels. After overnight incubation in PBS (pH 7.2) at 37°C, some of the 

deep channels on the hydrogel surface closed and disappeared (Figure 4.5.b). Figure 4.5.c 

shows the SEM image of the hydrogels used in the co-culture study, where the channels were 

formed as explained in Section 3.2.5.3. During the channel formation, deep channels were 

initially formed using the stamp designed for HDF-a cells. Then the hydrogels were then 

incubated overnight in PBS (pH 7.2) at 37°C. After that, superficial channels were formed 

using the stamp designed for HaCaT cells. Although some of the deep channels partially 

closed, the superficial channels remained visible. In addition, during the channel formation 

on the hydrogel surface, porous structures also formed between the channels compared to 

Figure 4.5. The presence of a porous structure between the channels suggests that the 

hydrogels can provide nutrients, gases, waste and fluid exchange during 3D co-culture.  
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Figure 4.12. SEM images of the surfaces of micro-patterned hydrogels with deep and superficial channels 

created using stamps. (A) Group with deep channels created using the stamp designed for HDF-a cells, (B) 

Group with deep channels created using the stamp designed for HDF-a cells and incubated overnight in PBS 

(pH 7.2) at 37°C. (C) Group with deep channels created using the stamp designed for HDF-a cells, incubated 

overnight in PBS (pH 7.2) at 37°C, and then superficial channels created using the stamp designed for 

HaCaT cells. (D) Group with superficial channels created using the stamp designed for HaCaT cells. 

 

 

 

 

 

 

A B 

C D 
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4.4. Characterization of 3D Co-Culture Environment 

 

To determine the hydrogel group to be used in the formation of the 3D co-culture 

environment, in addition to physicochemical characterizations, in vitro cell viability of HDF-

a cells on Col/Ker/Alg hydrogels, cross-linked with 0.10 M, 0.50 M, or 1.0 M CaCl2, was 

examined by using the resazurin assay (Figure 4.13). At the end of Day 1, HDF-a cells 

cultured on Col/Ker/Alg hydrogels cross-linked with 0.10 M CaCl2 showed the highest 

viability (88.6 ± 5.9 %), significantly higher than that of cells cultured on TCP and cells 

cultured on other hydrogel groups (Table 4.4). 2D cultured cells (TCP) and cells cultured on 

hydrogels cross-linked with 1.0 M CaCl2 had the lowest viabilities (61.6 ± 0.9 % and 60.8± 

6.1 %, respectively) among the groups on Day 1. Only the viability of cells cultured on 

hydrogels cross-linked with 1.0 M CaCl2 were not significantly different from the cells 

cultured on TCP (Table 4.4). 

 

At the end of Day 4, there was no significant difference between the viability of cells 

cultured on hydrogels cross-linked with 0.50 M and 1.0 M CaCl2 (Table 4.4). All the other 

groups were significantly different from each other. Again, hydrogels cross-linked with 0.10 

M CaCl2 showed the highest viability (108.0 ± 13.3 %), whereas 2D culture group (TCP) 

had the lowest viability (79.1 ± 5.8 %) among the groups on Day 4. 

 

At the end of Day 9, cell cultured on hydrogels cross-linked with 0.10 M and 1.0 M 

CaCl2 exhibited high cell viability (100.1 ± 7.7 % and 94.9 ± 1.3 %, respectively) among the 

groups. Also, cells cultured on hydrogels cross-linked with 0.50 M CaCl2 had a higher cell 

viability (85.5 ± 2.3 %) compared to those of 2D cultured cells (TCP). 

 

The findings suggest that the all-hydrogel groups provided an environment that 

supported HDF-a cell viability and proliferation over a period of 9 days. Based on protein 

release properties, high release of keratin and collagen into the medium may have greatly 

affected cell viability and proliferation of HDF-a cells. 
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Figure 4.13. In vitro cell viability of HDF-a cells on Col/Ker/Alg hydrogels, cross-linked with 0.10 M, 0.50 

M, or 1.0 M CaCl2 

 

 

Table 4.5. p values for in vitro cell viability of HDF-a cells on Col/Ker/Alg hydrogels cross-linked with 0.10 

M, 0.50 M and 1.0 M CaCl2 according to Mann-Whitney U test (significant difference (p ≤ 0.05) 

 Day 1 Day 4 Day 9 

TCP vs. Col/Ker/Alg (0.10M)  0.0014 0.0002 0.0014 

TCP vs. Col/Ker/Alg (0.50M) 0.0025 0.0029 0.0022 

TCP vs. Col/Ker/Alg (1.0M) 0.5200 0.0009 0.0002 

Col/Ker/Alg (0.10M) vs. (0.50M) 0.0025 0.0004 0.0024 

Col/Ker/Alg (0.10M) vs. (1.0M) 0.0025 0.0027 0.3024 

Col/Ker/Alg (0.50M) vs. (1.0M) 0.0140 0.4807 0.0000 
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According to results obtained from the physicochemical characterizations of hydrogel 

and in vitro cell viability study, Col/Ker/Alg hydrogels cross-linked with 0.50 M CaCl2 were 

chosen for the formation of the 3D co-culture environment. This selection was primarily due 

to higher water uptake capacity (Figure 4.6) and more porous structure (Figure 4.5) 

compared to other groups, which are beneficial for cell proliferation and viability in 3D co-

culture environment. In addition, the porosity in the cross-sectional structure of this hydrogel 

was protected at the end of a 9-day incubation in the cell culture medium (Figure 4.9). This 

structural integrity can ensure stability, adequate nutrient exchange, and a 3D co-culture 

environment conducive to cell growth.  

 

Resazurin assay was used to monitor cell viability in the 2D and 3D co-culture groups, 

and 3D and 2D culture groups seeded with only HDF-a or HaCaT cells. The percentages of 

resazurin reduction for the groups for 21 days are given in Figure 4.14 and Figure 4.15. In 

addition, p-values for the values of the percentages of resazurin reduction for the 2D and 3D 

groups are presented in Table 4.6.  

 

When the first day results were examined, the HDF-a hydrogel group showed the 

highest percentages of resazurin reduction with 62.48 ± 3.45% and the HDF-a/HaCaT 

hydrogel 50 000 group with 61.40 ± 2.91%. There was a statistically significant increase in 

the percentages of resazurin reduction of the hydrogel groups compared to the rates seen in 

the TCP groups with the same cell count and type. At the end of the first day, there was no 

statistically significant difference between the percent resazurin reduction rates of the HDF-

a TCP (41.44 ± 1.29 %) and HaCaT TCP (39.29 ± 1.78 %) groups (Table 4.6). However, the 

percentages of resazurin reduction of the HDF-a/HaCaT TCP 50 000 group (45.81 ± 1.14 

%) was statistically significant compared to the percentages of resazurin reduction of the 

HDF-a/HaCaT hydrogel 25 000 group (38.39 ± 2.04 %). There was no statistically 

significant difference between the percentages of resazurin reduction of the TCP co-culture 

groups and the HDF-a TCP and HaCaT TCP groups. When the first day results of the 

hydrogel groups were analyzed, there was no statistically significant difference between 

them (Table 4.6). 

 

Fourth day results showed a statistically significant increase in the percentage 

percentages of resazurin reduction of the hydrogel groups compared to the TCP groups 
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(Figure 4.14 and Table 4.6). When TCP groups were compared among themselves, HaCaT 

TCP group (50.51 ± 3.51 %) had the lowest percentage resazurin reduction. At Day 4, 

percentage resazurin reduction of HDF-a TCP group (61.04 ± 2.75 %) was found 

significantly higher than those of HaCaT TCP group (50.51 ± 3.51 %) (Table 4.6). However, 

no statistically significant difference was observed between the other TCP groups (Table 

4.6). Similarly, when comparing the hydrogel groups, there was no significant variation in 

the percentage resazurin reduction rates among them. 

 

When the seventh day results were investigated, TCP co-culture groups showed the 

highest percentage resazurin reduction. When the TCP groups were compared among 

themselves, the HaCaT TCP group (59.93 ± 8.43 %) showed a statistically significant 

decrease in the percentage resazurin reduction compared to other TCP groups. In addition, 

HaCaT TCP group also had the lowest value among all groups. There was no statistically 

significant difference between the percentage resazurin reduction of the TCP groups except 

the HaCaT TCP group (Table 4.6). When the seventh day results of the hydrogel groups were 

analyzed, there was no statistically significant difference between them (Table 4.6).  

 

When HaCaT TCP group and HaCaT hydrogel group were compared, it was observed 

that the percentage resazurin reduction of the hydrogel group (93.88 ± 8.92%) was 

significantly higher than that of the HaCaT TCP group (59.53 ± 8.43 %) (Table 4.6). When 

HDF-a TCP group and HDF-a hydrogel group were compared, no statistically significant 

difference was found (Table 4.6). When co-culture TCP and hydrogel groups were compared, 

the percentage resazurin reduction of TCP groups were significantly higher than those of 

hydrogel groups (Table 4.6). However, HDF-a/HaCaT hydrogel 50 000 group (87.57 ± 4.73 

%) and HDF-a/HaCaT hydrogel 25 000 (85.08 ± 3.08 %) also showed high percentage 

resazurin reduction. 

 

When the 14th day results were examined, there was no statistically significant 

difference between hydrogel groups (Table 4.6). When the TCP groups were compared 

among themselves, the HDF-a TCP (102.63 ± 3.86 %) showed a significant decrease in the 

percentage resazurin reduction compared to other TCP groups. In addition, HDF-a TCP 

group also had the lowest value among all groups. There was no statistically significant 

difference between the percentage resazurin reduction of the TCP groups except the HDF-a 
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TCP group (Table 4.6). When HaCaT TCP group and HaCaT hydrogel group were 

compared, the percentage resazurin reduction of the HaCaT TCP group (117.92 ± 2.98 %) 

was significantly higher than that of the HaCaT hydrogel group (82.79 ± 7.47 %) (Table 4.6). 

When HDF-a TCP group and HDF-a hydrogel group were compared, the percentage 

resazurin reduction of the HDF-a TCP (102.63 ± 3.86 %) was significantly higher than that 

of the HDF-a hydrogel group (85.89 ± 3.74 %) (Table 4.6). Similarly, the percentage 

resazurin reduction of the HDF-a/HaCaT TCP 50 000 (115.07 ± 1.90 %) was significantly 

higher than that of the HDF-a/HaCaT TCP 50 000 (88.43 ± 4.40 %). However, no statistically 

significant difference was found between HDF-a/HaCaT TCP 25 000 and HDF-a/HaCaT 

hydrogel 25 000 groups (Table 4.6).  

 

When the 21st day results were examined, there was no statistically significant 

difference between the percentage resazurin reduction of the TCP groups except the HDF-a 

TCP group (Table 4.6). The HDF-a TCP (94.70 ± 8.60 %) showed a significant decrease in 

the percentage resazurin reduction compared to other TCP groups. There was no statistically 

significant difference between hydrogel groups (Table 4.6). Additionally, there was no 

statistically significant difference between HDF-a TCP and HDF-a hydrogel groups, nor 

between HDF-a/HaCaT TCP 25 000 and HDF-a/HaCaT hydrogel 25 000 groups (Table 4.6). 

The percentage resazurin reduction of the HaCaT TCP group (113.24 ± 4.92 %) was 

significantly higher than that of the HaCaT hydrogel group (96.17 ± 6.37 %) (Table 4.6). 

Similarly, the percentage resazurin reduction of the HDF-a/HaCaT TCP 50 000 group 

(112.31 ± 6.21 %) was significantly higher than that of the HDF-a/HaCaT hydrogel 50 000 

group (91.65  ± 6.00 %). 

 

The resazurin assay results demonstrated that cell viability increased over time in all 

groups. HaCaT and co-culture TCP groups exhibited enhanced the percentage resazurin 

reduction compared to other groups. When the first, fourth and seventh-day results were 

analyzed, the percentage of resazurin reduction increased over time in all groups. A more 

significant increase in resazurin reduction was observed in TCP co-culture groups compared 

to the groups in which the cells were alone. Notably, in the HaCaT TCP group, the percentage 

of resazurin reduction increased slowly compared to the other groups. On day 7, the 

percentage resazurin reduction of HaCaT TCP (59.93 ± 8.43 %) increased slowly compared 

to the TCP co-culture groups (around 101%). However, the percentage resazurin reduction 
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of HaCaT TCP increased rapidly after 7 days. On Day 21, there is no statistically significant 

difference between the percentage resazurin reduction of HaCaT TCP and TCP co-culture 

groups.  

 

Since the pioneering studies of Rheinwald and Green demonstrated that fibroblasts 

stimulate keratinocyte proliferation in co-culture, various versions of co-culture systems 

have been developed to better mimic the in vivo conditions of normal skin [168]. A previous 

co-culture study by Gabbot and Sun showed that the attachment of HaCaT cells to the cell 

culture plate was further enhanced by pre-seeded HDFs [169]. In a study aimed at developing 

a 3D wound healing model using a type I collagen structure with fibrin-filled defects, it was 

demonstrated that the migration rate of keratinocytes significantly increased in the presence 

of fibroblasts ([170]). While keratinocytes in monoculture reached the center of the defect 

in seven days, this duration was reduced to three days in co-culture systems. 

 

At the end of day 7, there was a more significant increase in the percentage resazurin 

reduction of the HaCaT hydrogel group (93.88 ± 8.92%) compared to the HaCaT TCP group 

(59.93 ± 8.43 %). However, after Day 7, a significant increase in the percentage of resazurin 

reduction was observed in the HaCaT TCP group compared to HaCaT hydrogel groups. In 

the hydrogel groups, there was no significant difference between the percentage of resazurin 

reduction values when HaCaT hydrogels and hydrogel co-culture groups were compared. 

No significant difference was found between HDF-a TCP and TCP co-culture groups at the 

end of the 7 days.  

 

The percentage resazurin reduction of HDF-a hydrogels showed a significant increase 

compared to HDF-a TCP group during the first four days. After day 7, there is no statistically 

significant difference between the percentage of resazurin reduction values of the HDF-a 

TCP and HDF-a hydrogel groups. It is thought that the hydrogel environment supports HDF-

a proliferation in the early period. 

 

When co-culture TCP and hydrogel groups were compared, the percentages of 

resazurin reduction of TCP groups were lower than those of hydrogel groups until Day 7. 

After Day 7, the percentages of resazurin reduction of TCP groups were higher than those of 

hydrogel groups. However, high percentage of resazurin reduction values were also observed 
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in hydrogel co-culture groups. The fact that TCP co-culture groups exhibited higher 

reduction rates compared to hydrogel co-culture groups indicates that the higher density of 

cells in a smaller area in TCP medium and the increased interactions between cells in close 

proximity to each other increase the metabolic activity. On the other hand, since the cells 

were spread over larger areas due to the 3D structure and channel formation in certain regions 

in hydrogel groups, intercellular interactions were less than in TCP medium. At Day 14 and 

21, cells seeded on hydrogel groups showed stable metabolic activity compared to their TCP 

counterparts. However, hydrogel groups still demonstrated higher percentage resazurin 

reduction values, suggesting that they provide a supportive environment for long-term 

culture.  

 

HDF-a cells labeled with VybrantTM DiO (green) and HaCaT cells labeled with 

VybrantTM DiD (red) were used in the fluorescence analysis of the 3D co-culture medium of 

HDF-a and HaCaT cells.  Fluorescence images of the hydrogel and TCP groups for 7 days 

are given in Figures 4.15-20.  At all times, only green fluorescence staining was observed in 

HDF-a TCP and hydrogel groups, while only red fluorescence staining was observed in 

HaCaT TCP and hydrogel groups. The expected fluorescence staining was also observed in 

the co-culture TCP and hydrogel groups. Considering these results, the cells were properly 

labeled with VybrantTM DiD and VybrantTM DiO. It has been reported that Vybrant™ DiD 

and Vybrant™ DiO fluorescent labels have no effect on cell proliferation, that the 

degradation rates of both dyes are similar, and that the mixing effect between the dyes during 

the incubation period is negligible [171]. In a previous study, Vybrant™ DiD-labeled 

keratinocytes and Vybrant™ DiO-labeled fibroblasts were used to measure the migration of 

keratinocytes into fibrin-filled defects in the presence of fibroblasts within a 3D wound 

healing model composed of type I collagen with fibrin-filled defects [170]. 

 

At the end of the first day, it was confirmed by light microscopy images and fluorescent 

staining analysis that cells adhered to the surface of cell culture flasks in all TCP groups 

(Figure 4.15). In the hydrogel groups, cells were observed to aggregate in certain regions. 

When the hydrogel groups were analyzed, it was observed that the number of HDF-a cells 

in the hydrogel co-culture groups increased compared to the HDF-a hydrogel group. 

Compared to the HaCaT hydrogel group, HaCaT cells are seen in a larger area in the HDF-
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a/HaCaT hydrogel 50.000 group. At the end of the fourth day, an increase in cell numbers 

was observed in all groups and this continued the following days. 

 

 

 

 

Figure 4.14. The percentages of resazurin reduction for 2D co-culture groups, as well as for 2D culture 

groups seeded with only HDF-a or HaCaT cells for 21 days 

 

 

Figure 4.15. The percentages of resazurin reduction for 3D co-culture groups, as well as for 3D culture 

groups seeded with only HDF-a or HaCaT cells for 21 days 
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Table 4.6. p values for the percentages of resazurin reductions for 21 days (significant difference (p ≤ 0.05) 

Day 1 Day 4 Day 7 Day 14 Day 21 

HDF-a TCP vs. HaCaT TCP 1.0000 0.0087 0.0044 0.0186 0.0186 

HDF-a TCP vs. HDF-a/HaCaT TCP 25 000 0.1958 0.2915 1.0000 0.0044 0.0044 

HDF-a TCP vs. HDF-a/HaCaT TCP 50 000 0.0087 1.0000 1.0000 0.0044 0.0087 

HaCaT TCP vs.  

HDF-a/HaCaT TCP 25 000 

1.0000 0.2915 0.0044 0.2238 1.0000 

HaCaT TCP vs.  

HDF-a/HaCaT TCP 50 000 

0.0044 0.0044 0.0044 1.0000 1.0000 

HDF-a/HaCaT TCP 25 000 vs.  

HDF-a/HaCaT TCP 50 000 

0.0044 0.2915 1.0000 1.0000 1.0000 

HDF-a TCP vs. HDF-a hydrogel 0.0044 0.0044 0.4133 0.0044 1.0000 

HDF-a TCP vs. HaCaT hydrogel 0.0044 0.0044 1.0000 0.0044 1.0000 

HDF-a TCP vs.  

HDF-a/HaCaT hydrogel 25 000 

0.0044 0.0044 0.3543 1.0000 1.0000 

HDF-a TCP vs.  

HDF-a/HaCaT hydrogel 50 000 

0.0044 0.0044 1.0000 0.0044 1.0000 

HaCaT TCP vs. HDF-a hydrogel 0.0044 0.0044 0.0044 0.0186 0.0186 

HaCaT TCP vs. HaCaT hydrogel 0.0044 0.0044 0.0186 0.0186 0.0186 

HaCaT TCP vs. 

HDF-a/HaCaT hydrogel 25 000 

0.0044 0.0044 0.0186 0.5594 1.0000 

HaCaT TCP vs.  

HDF-a/HaCaT hydrogel 50 000 

0.0044 0.0044 0.0044 0.0186 0.0606 

HDF-a/HaCaT TCP 25 000 vs.  

HDF-a hydrogel 

0.0044 0.0044 0.0044 0.0044 0.0044 

HDF-a/HaCaT TCP 25 000 vs.  

HaCaT hydrogel 

0.0044 0.0044 1.0000 0.0044 0.0044 

HDF-a/HaCaT TCP 25 000 vs.  

HDF-a/HaCaT hydrogel 25 000 

0.0044 0.0044 0.0186 1.0000 0.7876 

HDF-a/HaCaT TCP 25 000 vs.  

HDF-a/HaCaT hydrogel 50 000 

0.0044 0.0044 0.0044 0.0044 0.0186 

HDF-a/HaCaT TCP 50 000 vs. HDF-a hydrogel 0.0044 0.0044 0.0044 0.0044 0.0044 

HDF-a/HaCaT TCP 50 000 vs. HaCaT hydrogel 0.0044 0.0044 1.0000 0.0044 0.0174 

HDF-a/HaCaT TCP 50 000 vs.  

HDF-a/HaCaT hydrogel 25 000 

0.0044 0.0044 0.0186 1.0000 1.0000 

HDF-a/HaCaT TCP 50 000 vs.  

HDF-a/HaCaT hydrogel 50 000 

0.0043 0.0044 0.0044 0.0044 0.0186 

HDF-a hydrogel vs. HaCaT hydrogel 1.0000 1.0000 1.0000 1.0000 1.0000 

HDF-a hydrogel vs.  

HDF-a/HaCaT hydrogel 25 000 

0.1958 1.0000 1.0000 0.5787 0.5787 

HDF-a hydrogel vs.  

HDF-a/HaCaT hydrogel 50 000 

1.0000 1.0000 1.0000 1.0000 1.0000 

HaCaT hydrogel vs.  

HDF-a/HaCaT hydrogel 25 000 

1.0000 1.0000 1.0000 0.5787 1.0000 

HaCaT hydrogel vs.  

HDF-a/HaCaT hydrogel 50 000 

1.0000 1.0000 1.0000 1.0000 1.0000 

HDF-a/HaCaT hydrogel 25 000 vs. HDF-

a/HaCaT hydrogel 50 000 

0.1305 1.0000 1.0000 1.0000 1.0000 
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HDF-a TCP 

   
HaCaT TCP 

   
HDF-a/HaCaT TCP 25 000 

   
HDF-a/HaCaT TCP 50 000 

   

 

Figure 4.16. Fluorescence images of TCP groups at the end of Day 1 
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HDF-a hydrogel 

  

HaCaT hydrogel 

  

HDF-a/HaCaT hydrogel 

25 000 

  

HDF-a/HaCaT hydrogel 

50 000 

  
 

 

Figure 4.17. Fluorescence images of hydrogel groups at the end of Day 1 
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HDF-a TCP 

   
HaCaT TCP 

   
HDF-a/HaCaT TCP 25 000 

   
HDF-a/HaCaT TCP 50 000 

   

 

Figure 4.18. Fluorescence images of TCP groups at the end of Day 4 
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HDF-a hydrogel 

  
HaCaT hydrogel 

  
HDF-a/HaCaT hydrogel 

25 000 

  
HDF-a/HaCaT hydrogel 

50 000 

  
 

Figure 4.19. Fluorescence images of hydrogel groups at the end of Day 4 
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HDF-a TCP 

   
HaCaT TCP 

   
HDF-a/HaCaT TCP 25 000 

   
HDF-a/HaCaT TCP 50 000 

   
 

Figure 4.20. Fluorescence images of TCP groups at the end of Day 7 
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HDF-a hydrogel 

  
HaCaT hydrogel 

  
HDF-a/HaCaT hydrogel 

25 000 

  
HDF-a/HaCaT hydrogel 

50 000 

  

 

Figure 4.21. Fluorescence images of hydrogel groups at the end of Day 7 
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5. CONCLUSION 

 

 

Tissue engineering is a revolutionary method in regenerative medicine that overcomes 

major challenges of conventional medicine therapies like organ transplantation and 

prosthetic implantation. One of the significant needs in this area has been to create a 

bioengineered scaffold to guide the regeneration of functional tissue, both in terms of the 

mechanical and physical requirements. As such, this thesis adds to this expanding field, with 

a focus on exploration of Collagen/Keratin/Alginate hydrogel system for a 3D co-culture 

environment of fibroblasts and keratinocytes. The achievement of extraction and 

characterization of collagen and keratin, as well as the preparation and evaluation of 

hydrogels, lays the groundwork for strategies to improve skin regeneration through 

biomaterials. 

 

The objective of this study was to develop and fully characterize a 

Collagen/Keratin/Alginate (Col/Ker/Alg) hydrogel, and to evaluate the hydrogel 

characteristics in a 3D co-culture model of human dermal fibroblasts (HDF-a) and 

keratinocytes (HaCaT). The physicochemical and biological properties of the hydrogels 

were optimized as an efficacy characteristic of scaffolds for skin tissue engineering. Data 

acquired from profuse analytics emphasizes the capacity of these hydrogels for translation 

into developable biomimetic scaffolds that enable supported cell viability, proliferation and 

interaction for a restoration period. Such properties become especially pertinent for tissue 

engineering applications, such as in skin regeneration, where the cellular microenvironment 

should be the most favorable for efficient tissue repair and restoration. The developed 

hydrogel system provides a novel and extremely promising approach to access the 

limitations of current regenerative therapies as it mimics the ECM closely and promotes cell 

adhesion and differentiation. 

 

Bovine Achilles tendon collagen and human hair waste keratin were extracted, and the 

proteins were characterized by Fourier transformation infrared spectrometry (FTIR) and 

sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE), to affirm their 

chemical structure and molecular composition. Outputs of results showed that extracted 

collagen keratin showed the characteristic SDS-PAGE bands. The structural features of the 
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extracted biomolecules verified their suitability for utilization in biomaterial applications. 

The incorporation of these structural proteins into the hydrogel matrix contributes to the 

biocompatibility of the material and closely mimics the native ECM of the skin. 

 

The synthesized Col/Ker/Alg hydrogels were systematically characterized in terms of 

their structural, morphological and physicochemical characteristics. Extensive material 

characterization, including FTIR and scanning electron microscopy (SEM), successfully 

verified fabrication of the hydrogels, demonstrating that high structural integrity, optimal 

porosity, and a suitable surface for cellular adhesion and proliferation were all maintained. 

A broadly porous morphology suitable for cell infiltration and nutrient diffusion, which is 

beneficial for tissue engineering, was verified using the SEM. In water absorption and in 

vitro degradation experiments, the Col/Ker/Alg hydrogels remained sufficiently hydrated 

and underwent controllable biodegradation over time, suggesting the potential of these 

hydrogels as an effective support system for growing tissues, and ensuring their proper 

biodegradation, which are important characteristics for long-term tissue engineering 

implementations. Furthermore, the protein release kinetics ascertained a sustained and 

gradual release of bioactive molecules possibly leading to cellular proliferation and 

differentiation over prolonged periods of time. This property for controlled release is 

especially helpful in wound healing applications, as it releases the growth-promoting factors 

over time, which are needed for supporting tissue regeneration. This controlled degradation 

is also beneficial in tissue engineering since it allows new tissue to grow into the scaffold 

while the scaffold supports the tissue during the early stages of regeneration. 

 

Formulation and optimization of these Col/Ker/Alg hydrogels are important for 

balancing the mechanical stability, biocompatibility, and biodegradability. The SEM 

examination of the hydrogels revealed their porous structure that strongly promoted cellular 

infiltration and tissue formation. To examine how the cross-linking conditions affected the 

hydrogel properties, a range of conditions were evaluated using calcium chloride (CaCl₂) 

(0.10 M, 0.50 M, 1.0 M). Among these, 0.50 M CaCl₂ cross-linked hydrogels exhibited the 

best performance by balanced combination of optimal physicochemical characteristics, 

mechanical stability, water uptake capacity, degradation behavior, and porosity. The 

findings indicate that CaCl₂ concentration significantly influences the morphological, 

swelling, and degradation properties of Col/Ker/Alg hydrogels. While higher cross-linker 
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concentrations (1.0 M CaCl₂) improve structural stability and reduce degradation, they also 

result in increased brittleness and reduced porosity. Moderate cross-linking (0.50 M CaCl₂) 

appears to offer the best balance between porosity, water uptake, and degradation resistance 

which makes it a promising option for biomedical applications that demand controlled 

swelling and mechanical stability. Indeed, swelling studies demonstrated that hydrogels had 

a sufficient hydration level to sustain cell viability and mimic the ECM. In addition, the in 

vitro degradation studies demonstrated that the hydrogels offered a controlled release of 

proteins which supported their possible potential for biomimetic scaffold. These properties 

are critical for scaffold-based tissue engineering because they allow the transport of 

nutrients, oxygen, and waste products while providing structural support for cellular 

growth. 

 

Hydrogels were also evaluated for biological factors. Results from the resazurin assay 

revealed that, particularly in the early phases of incubation, both HDF-a and HaCaT cells 

cultured inside the hydrogels displayed considerable metabolic activity. In contrast to 

standard tissue culture polystyrene (TCP) substrates, the hydrogels promoted increased cell 

attachment and initial proliferation, supporting their enhanced ability to create a 

physiologically relevant microenvironment. Upon a longer incubation process, TCP cell 

groups displayed a marginally elevated metabolic activity, which could relate to improved 

monolayer spreading typically seen in a 2D system; however, the hydrogel groups still 

possessed a significant degree of viability, illustrating the capacity of the materials for long-

term use in 3D co-culture systems. 

 

A key element of this study was the development of a 3D co-culture environment 

formed with fibroblasts and keratinocytes. Micro-patterned hydrogels fabricated by 3D 

printing stamps ultimately resulted in distinct deep and superficial channels per cell type, 

resembling the organization of native skin layers. The resazurin assay showed viability for 

21 days and confirmed significantly upregulated metabolic activity of 3D cultures when 

compared to 2D cultures. 

 

In order to confirm the performance of hydrogel-based system the cell distribution and 

organization in 3D co-culture was studied using fluorescence microscopy. Fluorescence 

microscopy demonstrated that cell adhesion and proliferation were successful, with 
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fibroblasts found in the deeper regions of the hydrogel and keratinocytes forming an 

epithelial-like layer at the hydrogel surface. The spatial organization of fibroblasts and 

keratinocytes within the hydrogels suggested that produced scaffolds could support separate 

cell layers, a necessary feature for skin tissue engineering. The formation of deep and 

superficial channels specifically enabled the separation of these two cell types, similarly to 

the dermal-epidermal interface found in healthy skin. These results highlight the benefits of 

3D culture systems in creating a more physiologically relevant environment that promotes 

cellular interactions and facilitates functional tissue development. 

 

The combination of collagen, keratin, and alginate has several benefits, such as 

biocompatibility, bioactivity, structural stability, and controlled degradation, which are 

essential for tissue remodeling. Moreover, the capacity of these hydrogels to enable 

improved cell–cell crosstalk between fibroblasts and keratinocytes emphasizes their promise 

as potential skin substitutes for regenerative medicine. The incorporation of biomimetic 

hydrogels to support cell signaling and enable tissue integration may help create more 

bioengineered skin constructs that possess full donor-site specificity like native tissue. 

 

Further study must be done to enhance the applicability of Col/Ker/Alg hydrogels by 

addressing key challenges such as vascularization, mechanical reinforcement, and long-term 

biocompatibility in in vivo models, as a powerful tool to use in different research areas. 

Moreover, the native skin consists of an intricate combination of biochemicals and 

mechanical properties, and thus further refining hydrogel formulations to better tap into 

these will be critical for their widespread adoption in wound healing applications. Scalability 

and standardization should be investigated further to ensure consistent production of these 

biomaterials and their regulatory approval for clinical translation. In addition, these 

hydrogels should be applied for developing advanced in vitro skin disease models that mimic 

pathological conditions. 

 

The insights generated from this research could ultimately contribute to our 

knowledge about engineered tissue development and lead to more clinically relevant 

applications. Moreover, further studies are needed so that this can be considered a tool for 

application in other fields beyond skin tissue engineering and regenerative medicine, such 

as implementation on in vitro skin disease models. Through their ability to provide a 3D co-
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culture environment, these biomimetic scaffolds provide a valuable tool to study disease 

pathology further, particularly skin diseases such as chronic wounds, burns, and genetic 

disorders. Moreover, these types of hydrogels may be useful for drug screening and testing 

of cosmetic products, providing an ethical and physiologically relevant alternative to animal 

testing. As advancements in tissue engineering and biomaterials continue to progress, 

integrating these hydrogel systems into broader research and industrial applications will 

further enhance their impact. 
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APPENDICES 

 

 

A. SDS-PAGE BUFFERS AND SOLUTIONS 

 

Laemmli Sample Loading Buffer (4x) 10 mL 

1 M Tris-HCl, pH 6.8 

20% Glycerol 

10% 2-mercaptoethanol  

4% SDS  

 Bromophenol blue  

Distilled Water (dH2O) 

2.50 mL 

4.00 mL 

2.00 mL 

0.800 g 

0.001 g 

1.50 mL 

7.5 % Separating Gel for Collagen 10 mL 

30% Acrylamide/2% Bisacrylamide solution 

1.5 M Tris, pH 8.7-8.8 

10% SDS 

dH2O 

10% Ammonium persulfate (APS) 

TEMED 

2.48 mL 

2.50 mL 

100 µL 

4.80 mL 

100 µL 

10.0 µL 

10% Separating Gel for Keratin 10 mL 

30% Acrylamide/2% Bisacrylamide solution 

1.5 M Tris, pH 8.7-8.8 

10% SDS 

Distilled Water (dH2O) 

10% APS 

TEMED 

3.33 mL 

2.50 mL 

100 µL 

4.10 mL 

100 µL 

10 µL 

 



 

 

4% Stacking Gel for Both 10 mL 

30% Acrylamide/2%Bisacrylamide solution 

0.5 M Tris, pH 6.7-6.8 

10% SDS 

dH2O 

10% APS 

TEMED 

650 µL 

1.25 mL 

50 µL 

3.10 mL 

50 µL 

5 µL 

Gel Staining Solution 500 mL 

0.25 g Coomassie Bright Blue R250 

Glacial Acetic Acid 

dH2O 

125 mL in isopropanol 

50 mL 

325 mL 

De-Staining Solution 300 mL 

10% Isopropanol 

5% Acetic Acid 

dH2O 

30 mL 

15 mL 

255 mL 

 

 

 

 

 

 

 

 

 



 

 

B. CALIBRATION CURVE OF THE BCA ASSAY 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 


